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ABSTRACT 
 
 
 ENZYME IMMOBILIZATION INTO POLYMERS AND COATINGS 
 
 
Géraldine F. Drevon, PhD 
 
University of Pittsburgh, 2002 
 
 
In this study, we have developed strategies to immobilize enzymes into various 
polymer and coatings. Three categories of bioplastic matrices were investigated. The 
first type of bioplastics was prepared by irreversibly incorporating di-
isopropylfluorophosphatase (DFPase) into polyurethane (PU) foams. The resulting 
bioplastic retained up to 67 % of the activity for native enzyme. The thermostability of 
DFPase was highly affected by the immobilization process. Unlike native enzyme, 
immobilized DFPase had biphasic deactivation kinetics. Our data demonstrated that the 
initial rapid deactivation of immobilized DFPase lead to the formation of a hyper-stable 
and still active form of enzyme. Spectroscopic studies enabled a structural analysis of 
the hyper-stable intermediate.  
Biopolymers were also prepared via atom transfer radical polymerization 
(ATRP) using acrylic and sulfonate-derived monomers. ATRP ensured the covalent and 
multi-point immobilization of enzyme within polymer matrices. However, this approach 
was only partially successful, as no activity retention was obtained after polymerization 
  
iv 
Enzyme-containing PU- and Michael adduct (MA)-based coatings correspond to 
the last category of bioplastics that was investigated. DFPase was irreversibly 
incorporated into PU coatings. The distribution of immobilized DFPase as well as 
activity retention were homogeneous within the coating. The resulting enzyme-
containing coating (ECC) film hydrolyzed DFP in buffered media at high rates retaining 
approximately 39% intrinsic activity. DFPase-ECC had a biphasic deactivation profile 
similar to that of bioplastic foams. The synthesis of enzyme-containing MA coatings 
was performed in a two-step process using carbonic anhydrase (CA, E.C. 4.2.1.1). CA 
was first covalently immobilized into NVF-based water-soluble polymer (EP). The 
resulting EP was further entrapped into the matrix of MA coating. The so-formed 
ECC’s exhibited approximately 7% apparent activity. CA-ECC showed good stability 
under ambient conditions and retained 55% activity after 90 days of storage.
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1.0 INTRODUCTION 
 
 
 
 
Enzymes are attractive catalysts as they are highly effective and specific under 
ambient conditions. A major drawback is their short lifetimes. Research over the last 
four decades has focused on understanding the modes of enzymatic deactivation, as 
well as developing methods to overcome this shortcoming of the biocatalytic approach. 
Most enzymes are stable when stored at low temperatures and neutral pH’s in aqueous 
media. This state is fragile and can be easily disturbed by means of external stresses 
such as high pressures and temperatures, extreme pH’s, organic solvents, freezing, 
drying, and by oxidative, chelating, or denaturing agents. Conformational changes as 
well as chemical processes at the level of the polypeptide chains may be induced, 
leading to the enzyme inactivation. The resulting activity loss may be reversible or 
irreversible. The severity of these effects varies with the type of enzyme and the nature 
and the intensity of the stress. The main structural and covalent mechanisms in 
biocatalyst inactivation include the disulfide intra- and inter-exchanges, the deamidation 
of asparagine residues, the decomposition of disulfide bridges by b-elimination, the 
hydrolysis of peptide chains, the b-isomerization of asparagine and aspartic acid 
residues, and amino acid racemization.  
A first approach to prevent deactivation consists of changing the enzyme 
environment, fo r example, by means of soluble additives such as metals, surfactants, 
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polyols, PEGs and sugars. Stabilization results from the non-covalent interactions 
between the additive, the biocatalyst and the solvent. Stabilizing effects of similar origin 
have often been observed for enzymes that are entrapped within a solid matrix or 
physically adsorbed onto a support. Other strategies rely on the alteration of the enzyme 
primary structure using one of the following methods: chemical modification; covalent 
immobilization; protein engineering; or directed evolution.  
Immobilization refers to the preparation of insoluble biocatalytic derivatives and 
involves the coupling of enzymes to solid supports that are either organic or inorganic. 
It has been increasingly used in industrial applications as it facilitates the separation of 
biocatalysts from the effluents and, hence, the recovery and purification of the products. 
Moreover, solid biocatalysts offer the major advantage of being reusable. The large 
variety of matrices that can be used ranges from natural and synthetic polymers to silica 
beads. Covalent immobilization often proceeds by the reaction of specific 
functionalities at the support surface with amino acid side chains that are readily 
available on the enzyme surface. The covalent coupling may induce drastic changes in 
the enzymatic kinetics especially when it occurs near the active site. Another important 
effect is to reduce the enzyme flexibility. As the number of linkages between the 
enzyme and the support increases, so does the enzyme rigidity. By providing a 
maximum rigidity, multi-point covalent immobilization is likely to prevent enzyme 
unfolding upon heating or in the presence of a denaturant. A non-conventional strategy 
to achieve multi-point covalent immobilization within a polymer network is by 
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copolymerizing the enzyme with monomers capable of a chemical reaction with 
specific functionalities on its surface.  During polymerization, the enzyme acts as a 
monomer and is, thus, expected to be uniformly distributed within the resulting 
biopolymer.  
A large range of polymer matrices have been employed for enzyme 
immobilization. In this study, enzymes were inserted into various polymer networks. To 
optimize the catalytic efficiency and stability of the resulting biopolymers, the attempt 
was made to understand the immobilization effects on enzymatic properties.  
Polyurethane foams are attractive supports, and can be used to prepare highly active and 
stable bioplastics via multi-point and covalent immobilization. Therefore, their potential 
as matrices for the immobilization of the agentase diisopropylfluorophosphatase 
(DFPase) was investigated. Atom transfer radical polymerization (ATRP) is another 
potential method for the mutli-point and covalent immobilization of enzymes, as it is 
compatible with a large variety of functionalized monomers and can be performed 
under mild conditions. It was determined whether ATRP could be used for the 
incorporation of biocatalysts into polymer matrices. The third category of polymers that 
were tested includes polyurethane- and Michael adduct-based coatings. One important 
challenge in preparing enzyme-containing coatings (ECC’s) was to reduce the internal 
diffusional limitations and, hence, assure good apparent activity retentions. A method to 
facilitate the access of immobilized enzyme to substrate for bio-PU coatings was 
developed. When working with Michael adduct-based coatings, the main aim was to 
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incorporate homogeneously the enzyme within the hydrophobic blend used for the 
casting of films. Given the enzyme hydrophilicity, the enzyme properties had to be 
altered to enable its dispersion in the coating bulk.  
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2.0 BACKGROUND AND LITERATURE REVIEW 
2.1 Biocatalyst Deactivation and Regeneration 
Biocatalysts offer major advantages over traditional metallic and organometallic 
catalysts such as high specificity and high efficiency under mild conditions of 
temperature, pressure and pH. However, their storage and operational instability limit 
considerably their use for industrial applications. Therefore, important efforts have been 
made to develop stabilization strategies, which rely on the rational understanding of the 
causes and pathways involved in their deactivation.     
In this chapter, we will consider the reversible and irreversible deactivation of 
biocatalysts. At this point, it is necessary to specify that we will preferably use terms 
such as enzyme, protein, proteinase and protease instead of the more general term 
biocatalyst. We will describe the various modes of irreversible inactivation, and more 
especially, the deactivation induced by heat, extreme pH, organic solvents, freezing, 
antagonist additives such as detergents, salts, specific chemicals and metal ions.  We 
will further examine the techniques that have been developed to prevent or minimize 
biocatalyst deactivation.  Stabilization in aqueous media can be achieved by altering the 
water–protein interactions by means of external excipients, and by chemically or 
genetically modifying specific amino acids. Protein immobilization is another major 
strategy.  
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2.1.1 Reversible Denaturation  
The denaturation of an enzyme corresponds to the unfolding of the enzyme by 
disruption of noncovalent intramolecular interactions. This can be induced by any 
change in the enzyme environment such as an increase in temperature or the addition of 
a denaturing agent. The process is reversible when the native conformation of enzyme 
(E) and, hence, the original biological activity are spontaneously recovered by simply 
returning to the initial external conditions. After extensive unfolding, an enzyme is 
predominantly randomly coiled, and hence inactive. The highest extent of protein 
reversible unfolding has been obtained at room temperature in the presence of 
denaturant chemicals such as urea, guanidine hydrochloride (GdnH+, GdnHCl) and 
guanidine thiocyanate. Heat results also in extensive loss of ordered secondary and 
tertiary structures, as opposed to extreme pH, organic solvents and inorganic salts.(1)  
Reversible unfolding involves a very cooperative two-state transition, UE « , 
where the partially unfolded intermediates between folded and unfolded stages (U) are 
usually thermodynamically unstable and are not present in a significant proportion of 
total enzyme molecules.(2) The conformational stability is determined from the 
equilibrium studies and is given by the Gibbs energy of folding.(1) 
Protein unfolding is often followed using techniques such as fluorescence, 
circular dichroism, UV-difference and raman spectroscopies as well as nuclear 
magnetic resonance, proton exchange and gel filtration.(3) Conformational changes can 
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also be evaluated from the changes in viscosity and sedimentation velocity of protein. 
Other chemical methods based on, for example, non-specific labeling of exposed amino 
residues, radioactive labeling and the reactivity of free thiol groups for specific reagent 
such as iodoacetate are available.(3)  
2.1.2 Modes of Inactivation 
Proteolysis.  Proteases have the ability to catalyze the hydrolysis of protein 
chains at specific peptide bonds. Some proteases exhibit high selectivity. An example is 
the endoproteinase V8, which cleaves the peptide bonds at the COOH-terminal side of 
glutamic acid residues. Similarly, trypsin only recognizes and cuts the Lys-X and Arg-X 
bonds, where X can be any amino acid. Other proteases such as chymotrypsin and 
subtilisin show broader specificity. Enzymatic digestion is more efficient when the 
protein-substrate is unfolded, thus making the targeted sites more accessible.  
2.1.2.1 Thermoinactivation.  As the short lifetime of enzymes in heated systems 
represents a major drawback for their application to industrial processes, a major effort 
has been made since the 70’s to understand and prevent irreversible enzymic 
thermoinactivation.  
Most enzymes follow first order deactivation kinetics, where the enzyme 
deactivation is proportional to the time in a semi- logarithmic scale: 
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[ ] [ ]Ek
dt
Ed
d-=  
 
 
 
dk corresponds to the deactivation rate constant, while [ ]E  represents the 
concentration of active enzyme, and is determined by activity assay.  
It has been established in some cases that the reversible protein unfolding 
precedes the step of irreversible inactivation: 
  
 
 
E EiU
k0
k-0
ki
 
 
 
 
As mentioned in the previous section, the folding/unfolding transition is highly 
cooperative and, the unfolded enzyme (U) is inactive. When the system is kept at high 
temperature for a short period of time, only reversible inactivation occurs and the native 
activity is fully recovered by resuming the initial conditions. As the high temperature is 
maintained for longer periods of time, irreversible inactivation of the reversibly 
unfolded enzyme occurs, leading to the inactivate form of enzyme (Ei). Depending on 
the enzyme properties, irreversible inactivation may be attributed to diverse 
mechanisms either structural or chemical. The latter can both proceed via the unfolded 
form of enzyme U. However, the chemical modifications, which lead to covalent 
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changes on the enzyme molecules, can also directly occur on the native form E. We will 
present the different modes of enzyme inactivation and the inactivation processes 
involved in details later in this section                                                    
The time-dependent enzymatic activity loss exhibits a first order profile when 
the equilibrium between the enzyme forms U and Ei is rapid. The resulting apparent rate 
of deactivation, kapp, is a function of the  rates for reversible folding/unfolding, k0 and k-
0, as well as the rate for irreversible deactivation, ki: (4) 
 
 
 
K
k
k iapp +
=
1
 
 
 
 
Hence, the estimation of the true rate of irreversible deactivation, ki, relies on the 
determination of the equilibrium constant between folded and unfolded forms, E and U, 
(
0
0
k
k
K -= ).  
Biphasic irreversible deactivation is less commonly observed and can usually be 
modeled using multi-step kinetic mechanisms.(5,6)  One useful model assumes the 
existence of an intermediate enzymatic state, E1, with a reduced activity, a1, and a 
deactivated form of enzyme (E2) with a reduced activity, a2: 
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 The expression for enzymatic activity is derived analytically, and is easily solved 
for the kinetic parameters: 
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Where t is the time of thermoinactivation and [E]0 the initial concentration of 
active enzyme. This model was successfully applied to the thermoinactivation of several 
enzymes such as, for example, phosphoglycerate kinase.(6)  Some thermoinactivation 
patterns are well described using a simplified form of the two-step deactivation 
mechanism presented above where the final deactivated form E2 is considered inactive 
)( 02 =a . Another simplified form of the two-step deactivation model assumes that the 
native enzyme E inactivates to a deactivated form, E1, with a relative activity a1 (a2=0; 
k2=0).(5)  
 Another simple kinetic scheme stipulating the presence of two different states 
of native enzyme with different deactivation pathways was used to describe the 
deactivation profiles of enzymes such as isozymes :(5,6)  
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 Once again an analytical solution for the enzyme activity course over time is 
available:   
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Where [Eb]0 is the initial concentration of active enzyme form Eb, and  ab its 
initial relative activity.  
Clearly, the main advantage of these kinetic schemes over more complex models 
is to provide an appropriate overview of the enzyme deactivation pathways using simple 
analytical techniques. If the chemical or conformational mechanism involved in an 
enzyme deactivation are known, kinetic analysis can serve as a useful tool to determine 
to which extent each of these processes occurs.  
Proteases often exhibit non-first order thermoinactivation patterns. As protease 
molecules unfold upon heating, they become less resistant to self-digestion. Therefore, 
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their thermoinactivation can be thought as the result of the simultaneous intramolecular 
deactivation and autolysis: 
 
 
 
Ui Uj+ UiUj Ui + P
 
 
 
 
When structural mechanisms are involved, irreversible thermoinactivation relies 
on either the protein aggregation or the protein spontaneous and incorrect refolding 
upon cooling often referred as scrambling.(7) Aggregation is caused by the 
intermolecular interactions between the hydrophobic areas of reversibly unfolded 
protein molecules. One potential route for aggregation is the disulfide interchange 
reaction between a free thiol group of one protein molecule and a disulfide bridge of 
another protein molecule:(2) 
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-
  R2S
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 Scrambled structures of proteins have been shown to result in some cases from 
monomolecular disulfide exchange reactions.(8) Disulfide interchange can be minimized 
by maintaining a low pH. 
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Figure 1 Decomposition of disulfide bridge 
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Several thermoinactivaton modes involve monomolecular chemical alterations 
of the enzyme primary structure. One possible cause is the decomposition of disulfide 
bridges into dehydroalanine and thiocysteine by b-elimination, which was reported, for 
example, at 100 oC for alkaline and acidic pH’s (4 £ pH £ 8) (Figure 1; step a). (8,9) 
Peptide cross- linking further relies on the reaction of dehydoalanine with a lysine 
residue (Figure 1; step b).(8,9) Deamidation of asparagine residues can also largely 
contribute to protein thermoinactivation.  It has been reported at alkaline and neutral 
pH’s under both severe and mild heating conditions.(10) The proposed mechanism 
assumes the base-catalyzed attack of the side chain carbonyl carbon by the a-amino 
group, leading to the formation of a cyclic imide intermediate (Figure 2; step a).(11) The 
unstable five-membered succinimide ring further hydrolyzes into a- and b- aspartyl 
residues (Figure 2; steps b and c) with a typical isoaspartic acid to aspartic acid ratio of 
3.(11) Deamidation of asparagines also takes place at acidic pH’s, and is believed to 
result in the formation of a- aspartyl residues via direct hydrolysis.(11) The deamidation 
rate is greatly influenced by the type of residue present at the C-terminal side of 
asparagine. In fact, Asn-Gly and Asn-Ser sequences have been found to be particularly 
favorable to asparagine destruction.(11) Glutamines have been found to deamidate to a 
lesser extent than asparagines.                                              
Another route is the hydrolysis of peptide bonds, which occurs at the Aspartic 
acid residues upon heating at acidic  pH’s. The cleavage at aspartic acids has been 
observed for several enzymes such as ribonuclease, RNase A, lysozyme,(12,8) and  
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Figure 2 Deamidation of asparagines residues 
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peptides such as wool-polypeptide,(13) at pH’s ranging between 2.5 and 4, and 
temperatures equal to at least 90 oC. Inglis suggested that the COOH- and NH2- fissions 
follow distinct pathways.(13) The hydrolysis of carboxyl-terminal peptide bonds occurs 
via the formation a five-member ring as proposed for the deamidation of asparagine 
residues under acidic conditions. The hydrolysis at the NH2-terminated bond is believed 
to rely on the formation of a six-member intermediate. Under neutral and alkaline 
conditions, the only reaction taking place is the cleavage of protein chain at the C-
terminal sides of aspartic acid residues.(11)  
Lysine may also undergo cross-linking via its e-amines with COOH- and 
CONH2- containing residues (Asn, Gln, Asp and Glu) at elevated temperatures (Figure 
3).(8) As this covalent reaction occurs at a slow rate, the formation of isopeptide bond 
necessitates severe and prolonged heating conditions.(14)  
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Figure 3 Lysine residues cross-linking 
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Asparagine and aspartic acid as well as, to a lesser extent, glutamine and 
glutamic acid are the principal amino acids subject to isomerization. The b-
isomerization of asparagine at physiological and alkaline pH’s results from the residue 
deamidation as previously mentioned (Figure 2; steps a, b and c).(15) Similarly, aspartic 
acid b-isomerization is believed to proceed via a five-membered succinimide 
intermediate (Figure 2; steps b and c).(15) Cis-trans isomerization of the peptide bond 
preceding a proline residue has also been reported, and may play a consequential role in 
enzyme inactivation at high temperatures.(10) 
Proteins are solely composed of L-amino acids. Racemization of amino acids in 
the primary structure of proteins is known to take place under severe heating at alkaline, 
acidic and physiological pH’s.(16) The reaction starts by the abstraction of a-proton from 
the amino acid, leading to the formation of a planar carbanion intermediate (Figure 4). 
A proton is subsequently readded to the intermediate (Figure 4).(16) Since the attack by 
the proton occurs on both side of the carbanion plan at a similar rate, a final 
stochiometric mixture of L and D configurations is obtained.    
An important cause of themoinactivation in the food industry involves the 
reaction of reducing sugars such as glucose, lactose or maltose with the e-amino groups 
of Lysine residues, and is referred as the Maillard reactions.(17) Mild heating (or even 
storage) induces mainly the formation of the stable deoxy-ketosyl derivative (Figure 5). 
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Figure 4 Racemization of amino acids  
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The process is quite complex, and is thought to start with the addition of e-
amine to the carbonyl function of reducing sugar to generate an unstable and detectable 
Schiff’s base. A serie of reactions called Amadori rearrangements further takes place to 
give the stable deoxy-ketosyl compound. Under severe heating, the Maillard reactions 
involve the transformation of deoxy-ketosyl intermediate into brown colored polymers, 
and may also occur at other amino acid residue such as arginine.(14)  
2.1.2.2 Oxidation. Oxidative events are a major cause of enzyme inactivation in 
industrial applications requiring oxidizing agents and, more especially, laundry 
detergents or bleaches. As subtilisin, chymotrypsin and similar proteases are generally 
employed for these processes, their stability and activity in the presence of oxidants 
have been extensively studied.(18) Oxidation may occur at the sulfur-containing residues, 
cysteine and methionine, as well as histidine, tyrosine and tryptophane residues, 
although the rate of oxidation of histidine, tyrosine and tryptophane is slower.(10) 
Treatment with hydrogen peroxide, H2O2, or other mild oxidants results primarily in the 
conversion of methionine into methionine sulfoxide  (Figure 6).(11) Harsher oxidation 
conditions lead to the formation of methionine sulfone (Figure 6).(11)  
The oxidation of cysteine depends on the strength of oxidant.(13) As described 
previously, heating in the presence of dissolved molecular O2 promotes the spontaneous 
interchange of free thiols with disulfide bridges. The spontaneous reaction of free thiols 
  
20 
with reactive oxygen species such as superoxide anions, ×2O , ×OH  and H2O2 also 
yields the formation of cystines. Sulfenic acid can be produced under similar oxidation 
conditions (Figure 7). Thiol oxidation predominantly proceeds by the intermediary thiyl 
radicals, ×RS ,(19,20) and can be mediated by transition metal ions including copper ions, 
Cu2+, and iron ions, Fe3+. Other radicals such as sulfoxyl species 
( ××× 2,, RSORSOORSO ) and radical anion complex (
×-RSSR ) can be generated. The 
oxidation process is significantly accelerated at alkaline pH’s. (11) Stronger oxidants lead 
to the conversion of thiol groups into cysteic acid (Figure 7).(11)   
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Figure 6 Oxidation of methionine  
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Figure 7 Oxidation of cysteine  
 
 
 
2.1.2.3 Inactivation by pH. As mentioned earlier, shifting the pH in the alkaline or 
acidic range can induce protein inactivation, which involves in many cases a first 
reversible step followed by a second irreversible step. As implied by this two-step 
mechanism, short treatments lead to instantaneous, partial and reversible denaturation. 
Hence, returning to the initial pH restores the native form of protein. Protein propensity 
to reversibly unfold increases as the pH of its surrounding is moved away from its 
isoelectric point. At extreme pH’s, amino acids, that are buried and uncharged in the 
native state of protein, ionize, and the resulting electrostatic repulsions between like 
charges disrupt the native state of proteins, provoking unfolding. A central factor at 
basic pH’s is the ionization and exposure of cystidyl residues. At alkaline pH’s, protein 
tendency to unfold arises from the ionization of amino acids such as tyrosine, as well as 
the disulfide bridge instability.(2,9) Irreversible inactivation usually take place during 
prolonged periods of incubation at extreme pH’s, and may result from conformational 
mechanisms, either monomolecular or intermolecular, and covalent processes. 
Aggregation and protein molecule scrambling are the main conformational modes 
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encountered. Covalent inactivation often occurs when proteins are simultaneously 
exposed to extreme pH’s and heating at elevated temperatures. Disulfide bridge 
destruction by b-elimination (Figure 1), racemization (Figure 4), b-isomerization of 
asparaginly/aspartyl residues (glutaminyl/glutamyl residues) (Figure 2), deamidation of 
asparagines (or glutamines) (Figure 2), and the partial hydrolysis of peptide bonds can 
proceed at alkaline, neutral and acidic pH’s, as described in the prior section. Peptide 
bond hydrolysis with release of aspartic acid occurs at acidic pH’s. Autolysis is also 
influenced by pH, although the corresponding pH-dependence varies from one protease 
to another.   
2.1.2.4 Inactivation by Organic Solvents. Organic solvents constitute attractive media 
for biocatalysis over water.(21) Processes rely on the use either of non-polar or water-
miscible organic solvents. The enzyme behavior in non-aqueous systems highly 
depends on whether the medium is hydrophobic (non-polar) or hydrophilic (polar). 
Hence, as different concerns arise for each category of organic solvents, we will 
consider them separately. We will further briefly discuss the possible effects of biphasic 
liquid/liquid systems on enzyme stability. 
As compared with water, non-polar solvents offer the advantage of better 
solubilizing organic substrates. Another interesting property is to enable reactions that 
are thermodynamically unfavorable in aqueous phase. Given the absence or low water 
content (less than 5% (v/v)), water- induced side reactions are minimized and even 
suppressed. Finally, as enzymes are usually insoluble in organic solvents, they are 
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easily recovered after synthesis. Overall, switching to non-aqueous biocatalysis ensures 
dramatic increase in process efficiency. Solid enzymes prepared by lyophilization or 
immobilization are generally employed. These enzymes in the solid state are still tightly 
associated to essential water molecules. Although they may undergo some 
conformational alterations during preparation, they usually retain significant catalytic 
activity. Subsequent suspension in hydrophobic organic solvents does not disrupt their 
interactions with essential water molecules as a result of the solvent non-polarity.(22, 23) 
Consequently, the enzymes remain active. It is believed that water molecules do not 
always form a true solvation shell around the enzyme, and serve primarily to hydrate 
the charged amino acids.(24) For example, chymotrypsin suspended in octane is bound to 
as little as 50 water molecules when at least 10 times more would be required to form a 
water shell around the enzyme.(24) Enzymes suspended in such non-aqueous systems 
exhibit considerably enhanced thermostability.(25) As mentioned in a previous section, 
the high flexibility of enzymes dissolved in aqueous phase facilitates their unfolding. In 
the case of non-polar organic solvents, the number of water molecules surrounding the 
enzyme is not sufficient to provide high flexibility to the polypeptide. The resulting 
relative structural rigidity reduces the risks of denaturation. Moreover, the covalent 
mechanisms commonly encountered during thermoinactivation in aqueous media 
(deamidation, peptide hydrolysis…) are almost inexistent in non-polar organic solvents 
due to the absence (or low content of) water. Lastly, we should mention that, in some 
particular cases, enzymes may be solubilized in anhydrous organic phase, while 
retaining good catalytic properties. For example, a-chymotrypsin was dissolved in 
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micromolar amounts in the non-polar organic solvents, n-octane, cyclohexane and 
toluene, by following appropriate procedures.(26) The resulting a-chymotrypsin-
containing organic solutions exhibited high enzymatic activity and stability. 
Unlike non-polar organic solvents, hydrophilic organic solvents interact with the 
essential water layer of enzyme that is required for maintaining the proper polypeptide 
conformation. Indeed, they have been shown to strip away the water molecules tightly 
associated to the enzyme.(23) By doing so they disturb the non-covalent and hydrophobic 
interactions, which hold the enzyme in the proper folded state. Most polar solvents are 
unable to compensate for the water molecule removal by maintaining the hydrophobic 
interactions involved in the enzyme active conformation.(27) As a result, partial 
unfolding as well as inactivation occur. As the proportion of a specific water-miscible 
organic solvent increases in the enzyme surrounding, so does the extent of 
inactivation.(27) Catalytic activation is sometimes observed for small solvent fractions 
(below 50  % (v/v)).(27) Large volumes of solvent (above 60 % (v/v)) often provoke 
complete inactivation.(27) The induced denaturation is reversible, and refolding is 
achieved by diluting the enzyme/organic phase in an aqueous medium. The denaturation 
ability of hydrophilic organic solvents is inherent to their physiochemical properties 
(hydrophobicity, solvating ability, molecular geometry), and, hence, varies from one 
solvent to another.(23) Water-like hydrophilic solvents such as glycerol or ethylene 
glycol have the least dramatic effects on enzymes.(27) 
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Liquid/liquid systems composed of a water- and a water- immiscible organic 
phases, as well as micelle and reverse micelle systems are quite complex. Inactivation 
may result from the enzyme interactions with the solvent dissolved in the aqueous phase 
and with the interface between the water and organic phases. The accepted theory for 
inactivation at the interface involves the enzyme diffusion from the bulk aqueous phase 
to the interface, and its subsequent adsorption and relaxation.(28) The relaxation arises 
from the tendency of organic solvent to attract the enzyme hydrophobic amino residues. 
As the hydrophobic residues are mainly buried in the native conformation, the enzyme’s 
hydrophobic side chains achieve a better contacting with the organic solvent surface via 
unfolding. Multi- layers of relaxed and entangled polypeptides are usually present at the 
interface, leading to interfacial gels.(29) Denatured enzyme molecules with significant 
cysteine content are believed to form intermolecular disulfide bonds, and, hence, strong 
interfacial films.(29) It is hypothesized that only enzyme relaxation allows significant 
decrease in the interfacial tension.(30) Loss of catalytic activity can be partial or 
complete. This process is irreversible, and the inactivated enzyme is released by 
destruction of the interface as insoluble aggregates. As expected, interfacial inactivation 
is proportional to the interfacial area.(31) Therefore, it highly depends on properties such 
as the degree of agitation and the identity of the organic solvent. Despite the high 
complexity of these biphasic systems, there have been some attempts to correlate the 
interfacial inactivation with solvent characteristics such as polarity and interfacial 
tension.(28) Clearly, it is difficult to account for all the mechanisms involved, and, 
especially, the variations in interface properties resulting from enzyme adsorption and 
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unfolding.(32) Moreover, the extent of inactivation depends not only on the solvent 
identity but also on the enzyme physicochemical characteristics.(29) Moreover, proteins 
originated from thermo- and hyperthermophiles are of particular interest for biocatalysis 
biphasic systems as they  exhibit higher resistance toward interfacial inactivation than 
their mesophilic relatives.       
2.1.2.5 Metal Chelators. Metalloenzymes are associated by non-covalent interactions 
to specific metal ions, which participate in the maintenance of their catalytically active 
conformation. Metal-chelators such as EDTA or EGTA strip the metal ions of the 
enzyme metal-binding site(s), usually leading to partial unfolding and inactivation. The 
enzyme activity can be recovered to some extent by re- introducing the specific metal 
ion in the enzyme surrounding.  Metal ion(s) bound to an enzyme can be with located 
near the active site and play a direct role in the kinetic steps. Therefore, in this case, 
incubation with metal chelators provokes inactivation but not necessarily denaturation. 
2.1.2.6 “Salting-in” Effect. When used at high concentrations, non-specific ions may 
either stabilize or destabilize proteins.(33) Destabilization of protein structures relies on 
the interaction of ions with the polypeptide chain and, more specifically, the charged 
groups as well as peptide bonds.  As a result, the unfolded form of protein is stabilized, 
and the protein solubility enhanced. This phenomenon is called “salting- in”. By 
opposition, “salting-out” refers to protein precipitation by high salt concentrations. The 
process of “salting-out” is related to the stabilization of the folded structure of protein. 
During precipitation, salts reduce the solubility of hydrophobic groups on the protein 
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surface and, hence, favor their association with other molecule hydrophobic groups via 
intermolecular interactions. The aggregated protein retains its native and active 
conformation. The extent of stabilization (or destabilization) of common anions and 
cations is given by the Hofmeister series as follows: 
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Anions and cations on the left of both series stabilize protein structures and can 
be used for salting-out, while those on the right are known for their destabilization and 
denaturant effects.  
2.1.2.7 Sulfhydryl-Reducing Agents. Enzyme inactivation by heavy metals such as 
mercury (Hg2+), cadmium (Cd2+) and lead (Pb2+) proceeds by the reduction of thiol 
group in cysteine residues with the formation of mercaptides.(34) Reduction of disulfide 
bridges also occurs, leading to the S-Hg-S bonds.(34) Heavy metals may as well interact 
with other residues especially tryptophans or histidines.  
Common sulfhydryl agents such as 2-mercaptoethanol, 5,5’ –dithiobis(2-
nitrobenzoic acid) (DTNB; Ellman’s reagent) and dithriothreitol (DTT) reduce disulfide 
bridges to regenerate two SH groups. The treatment of proteins with 2-mercaptoethanol 
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or DTNB may also lead to the formation of new intra- and intermolecular disulfide links 
with the possibility of protein aggregation.(35,36) Reducing sugars have also been shown 
to protect proteins from oxidative inactivation. 
2.1.2.8 Mechanical Modes of Inactivation. The inactivation of an enzyme in solution 
during either shaking or ultrasound is believed to follow one common pathway. Shaking 
involves the creation of air bubbles in the enzyme solution, leading to an increase in the 
air/water interface and a possible irreversible denaturation of the enzyme at the 
interface.(9) The rational for enzyme irreversible unfolding at the interface is similar to 
that described for liquid/liquid systems.  In the case of ultrasound, gas dissolved in the 
aqueous medium is released as microbubbles, leading to an increase in the gas/liquid 
interface area and, hence, a risk of enzyme inactivation.(9)  
Pressure- induced inactivation often involves a first reversible inactivation step 
followed by irreversible inactivation. The reversible denaturation of monomeric 
proteins usually requires pressurization to at least 10 kbar. Unfolding results from the 
disruption of ionic interactions, the rupture of hydrophobic interactions with exposure 
of hydrophobic residues and the favored formation of hydrogen bonding.(37,38,39) The 
changes in non-covalent interactions, polypeptide hydration and conformation involve a 
decrease in the protein volume. Pressures in the 1-2 kbar range promote the dissociation 
and inactivation of oligomeric and multimeric proteins. This pressure-induced 
dissociation of protein subunits arises, most probably, from the destabilization of ionic 
and hydrophobic interactions at the subunit interfaces. Subunit unfolding may further 
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take place.  Pressure release usually allows the re-association of subunits. Few cases of 
irreversible pressure- induced inactivation have been reported, and may be attributed to 
either aggregation or covalent mechanisms. 
2.1.2.9 Radiation. Both ionizing (g-rays, X-rays, electrons and a-particles) and non-
ionizing radiations (UV, visible light) can cause damages in protein primary structure 
and result in irreversible inactivation.(11) Ionizing radiations induce the formation of 
intermediary radicals either on the polypeptide chain or in the protein surrounding 
(water, salts…). The active agents further lead to covalent changes in the polypeptide 
chain. Non- ionizing radiations generate photons, which are adsorbed by  photosensitive 
agents such as dyes and oxygen, or labile residues including cysteine, tryptophane and 
histidine.(11) The photoionized species can further initiate the chemical alteration of 
protein.   
2.1.2.10 Cold, Freezing and Lyophilization.  Despite the common belief that 
enzyme stability increases with decreasing temperature (in the absence of freezing), 
many enzymes exhibit less activity at low temperature. The corresponding inactivation 
mode involves either spontaneous unfolding, often referred as cold denaturation, or 
dissociation of subunits in multimeric enzymes. Both processes are usually reversible 
and results from changes in the physical properties of aqueous medium including the 
viscosity, acid/base balance and hydrogen bonding.(40,41) The central force for cold 
denaturation is thought to be the increasing affinity between enzyme apolar clusters and 
water, and the resulting disruption of hydrophobic interactions.(40,41) Another reason 
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may be the better solvation of polar and ionic residues by water via hydrogen 
bonding.(41) One well-documented effect of temperature lowering is to affect the pH of 
buffered media. This tendency is driven by the temperature-dependence of buffer 
pKa’s.(42) Changes in pH during chilling have been shown to be the primary cause  for 
the dissociation of some multimeric proteins.(42) Chilling may also induce shifts in the 
pKa’s of specific ionizable amino residues, which are critical for the maintenance of 
protein quaternary structure.(40) The resulting change in protonation of such specific 
residues disrupts the subunit association.(40,42) Unlike chilling, freezing involves not 
only temperature lowering but also the transfer of water from the liquid to the 
crystallized state, while amorphous solutes including most salts and enzyme stay in a 
residual liquid phase.(9) Consequently, the enzyme and other water-soluble species are 
significantly concentrated in the non- ice glassy phase, where a significant proportion of 
unfrozen is still present (20 %). Irreversible deactivation, which is likely to arise from 
the drastic changes in the enzyme micro-environment, has been reported to occur by 
aggregation as well as thiol-disulfide exchange and cysteine oxidation.(9) The process is 
taken one step further during lyophilization as the ice phase is evaporated. Although 
freeze-drying is a more complex process, the principles developed for irreversible 
inactivation during freezing are still valid. Additional phenomena may impose new 
stresses to the protein.(43) For example, the release of dissolved air may provoke protein 
adsorption and inactivation at the liquid/gas interface. The significant decrease in the 
amount of residual unfrozen water during the final stage of lyophilization (from 20 to 5 
%) may as well affect the protein. 
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2.1.3 Strategies to Minimize Inactivation  
2.1.3.1 Soluble Stabilizers. A large panel of additives have been proposed as stabilizers 
including salts, metals, surfactants, natural and synthetic polymers, polyols, sugars and 
amino acids. Stabilization may result from the additive-biocatalyst and (or) additive-
solvent interactions. Protection against inactivation may also be achieved by doping the 
biocatalyst with another agent that either competes for the destabilizing reagent or react 
with protein side-chains targeted by the destabilizing reagent.  
A given enzyme exhibits specific affinities for its substrates as well as substrate 
analogues and competitive inhibitors, referred as specific ligands (L). The complex 
formation between the enzyme and one of its specific ligands (E-L) tends to shift the 
equilibrium between the enzyme native (E) and unfolded states (U) towards the folded 
conformation:(33)  
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By favoring the folded conformation, the irreversible events, which take place 
on the unfolded enzyme and lead to inactivation are less likely to occur. The ligand-
binding is believed to confer a more rigid structure to the enzyme. 
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Non-specific additives may have stabilizing effects by disturbing the enzyme-
water interactions, affecting the water properties, or directly interacting with the 
enzymes.(44,36) Structural stabilization by soluble additives usually obeys the well-
accepted principles of preferential interactions.(45) Any enzyme exhibits different 
affinities for water and additives. A higher affinity for water results in the preferential 
exclusion of additive from the enzyme surface. Being preferentially hydrated the 
enzyme is usually stabilized. On the contrary, the preferential binding of additive to the 
enzyme leads to destabilization in most cases.  
Stabilization by preferential hydration relies on changes in the thermodynamic 
properties of enzymes. In the absence of stabilizer, reversible unfolding is associated 
with an increase in the enzyme chemical potential, which is thermodynamically 
unfavorable. Upon the introduction of stabilizer, the chemical potential of folded 
enzyme increases. As the stabilizer induces an unfavorable shift in the chemical 
potential of folded enzyme, denaturation of preferentially hydrated enzyme should be 
more unfavorable than that of native enzyme. Moreover, the enzyme surface area 
increases upon denaturation and the exclusion of stabilizer from the enzyme surface 
becomes even more unfavorable. Consequently, the stabilizer causes as well an increase 
in the positive change in chemical potential associated with unfolding.  
A first proposed scenario for the preferential exclusion of stabilizer involves the 
interaction of additive with water, and relies on the steric exclusion of stabilizer from 
the enzyme core and (or) the participation of stabilizer in the structural re-organization 
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of water. The influence of stabilizer on water structure usually leads to an increase in 
the water-enzyme interfacial tension and medium viscosity. In a second scenario, the 
preferential hydration of the enzyme is controlled by the direct chemical repulsion 
between the exposed residues of polypeptide and the stabilizer. Exclusion of weakly 
charged additives is most likely to proceed by solvophobic effects, whereas that of ionic 
additives is determined by like-charges on the enzyme surface. 
Although preferential exclusion is a necessary condition for stabilization, it is 
not always sufficient. Indeed, some excipients preferentially excluded from the enzyme 
hydration shell may still be able to bind some sites at the enzyme surface and to 
provoke destabilization. As previously briefly described, stabilization or destabilization 
of an enzyme by an additive is the net result of various mechanisms taking place at the 
enzyme level. Moreover, as enzymes with distinct properties will either stay inert or 
interact (binding, repulsion) with a given additive, the latter influence may well 
dramatically differ from one enzyme to another. Therefore, it may be difficult to predict 
the effects of a given additive on a specific enzyme.  
Polyhydric alcohols including glycerol, erythritol, and sorbitol, as well as sugars 
such as sucrose and mannitol have usually non-specific stabilizing effects. They follow 
the general principles mentioned previously, and are preferentially excluded from 
protein vicinity.(33) Reducing sugars such as glucose and lactose often stabilize protein 
conformations. However, their application as stabilizers should be avoided, as they are 
likely to induce covalent inactivation via the Maillard reactions. The influence of 
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poly(ethylene glycol)s (PEGs) on proteins highly depends on the polymer molecular 
weight and on the protein characteristics. Despite the widespread use of PEGs, the 
underlying mechanisms are not well understood yet. It has been suggested that ethylene 
glycol is likely to stabilize polar proteins, while destabilizing non-polar ones.(33) PEGs 
with high molecular weights are believed to prevent protein-protein interactions, 
leading to stabilization. Stabilization by large natural polyols such as polysaccharides 
and other polymers such as dextran has also been reported, and involves several 
mechanisms including preferential exclusion and hindrance of protein-protein 
interactions. Non-specific salt- induced stabilization results mainly from electrostatic 
shielding and changes in water properties. The stabilizing salts to the left of the 
Hofmeister serie (section “Salting-In”) act by reducing the solubility of hydrophobic 
regions in proteins, and by favoring the protein preferential hydration.  
Sugars and polymers can serve to stabilize proteins during lyophilization. The 
additive should stay amorphous during the process of freeze-drying in order to maintain 
its interactions with the protein in the non- ice liquid phase. Stabilization relies on the 
prevention of unfolding during chilling, freezing and drying.(42)  Surfactants constitute 
another interesting category of additives. Given their ability to reduce interfacial tension 
between organic and aqueous phases, they have been use to prevent enzyme interfacial 
inactivation in biphasic systems.(44)  Nonionic surfactants are preferred to ionic 
surfactant as they are less likely to bind strongly to enzymes and lead to destabilization.  
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2.1.3.2 Chemical Modification. Chemical modification corresponds either to protein 
crosslinking using bi- and poly-functional reagents or to the conjugation of protein to 
smaller mono-functional reagents via covalent linkages.(46,47,48) These techniques have 
been the focus of much interest in biotechnical and biomedical sciences, as they are 
quite simple, inexpensive and do not necessitate an intensive knowledge on the protein 
sequencing and conformation. 
Protein crosslinking involves formation of inter- and intra-molecular covalent 
linkages between protein molecules. Water soluble carbodiimides and glutaraldehyde 
are common bi- functional reagents, which covalently bind to amino and carboxyl 
groups. The rational for stabilization of monomeric proteins is the rigidification of 
conformation by crosslinks and, hence, the prevention of unfolding. Inter-crosslinking 
between subunits plays also a central role in the stabilization of oligomeric and 
multimeric proteins, as it prevents protein dissociation and favorizes re-association of 
subunits. Despite these attractive features, a main disadvantage of chemical crosslinking 
is to stabilize proteins in unpredictable ways.  
During chemical modification with mono-functional reagents, protein alteration 
occurs at targeted amino residues.(49) Since polar amino acids are present in majority at 
the protein surface, they are easily accessible and, hence, commonly chosen as specific 
sites for modification. Cysteine and Lysine are the most reactive amino residues under 
mild conditions, but the chemical modification of other residues such arginine, 
histidine, aspartic and glutamic acid, asparagine, arginine, tyrosine and tryptophan has 
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also been reported.(47,48) Modifiers can be small chemicals in the 100 g/mol molecular 
weight range to large polymers such as PEG’s, polysaccharides and dextrans. Full 
modification is not necessarily achieved, as the selected amino groups that are buried or 
not easily accessible do not take part into the reaction. The efficiency of the chosen 
covalent process is given by the extent of conversion of native enzyme, i.e. the yield of 
modification. Moreover, chemical modification often leads to a heterogeneous mixture 
of bioconjugates characterized by various degrees of modification, where the degree of 
modification is defined as the number of covalent alterations per protein molecule. 
Since modified enzyme molecules from a same batch may have with different extents of 
conjugation and, hence, may exhibit different properties, it is recommended to isolate 
each variety of modified enzyme for further analyses. 
Chemical modification usually perturbs the enzymatic activity. The changes in 
kinetics are described assuming the enzyme follows the Michaelis-Menten mechanism: 
 
 
 
E S+ ES E + P
k1
k-1
k2
 
 
 
 
In the proposed mechanism, the enzyme, E, and the substrate, S, associate 
reversibly to form a complex, ES, which further breaks down as the product, P, is 
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released. Assuming the concentration of ES is at steady-state, the Michaelis-Menten 
equation is derived: 
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[ET] is the total enzyme concentration and KM equals
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turnover number of the enzyme and represents the enzyme maximal catalytic activity. 
KM represents the affinity of the substrate for the enzyme. Chemical modification 
usually results in an increase in the KM value and a decrease in the kcat value. Loss of 
activity is more often encountered than enzyme activation, and results from several 
mechanisms including conformational distortions. Inactivation increases with the extent 
of modification in the general case. Modification of amino groups located in or near the 
active site has the most dramatic effects of enzyme activity. Complete inactivation is 
expected when the modified amino residues play a vital role in the enzymatic reactions. 
Obstruction of the active site by modifier chains with prevention of the enzyme-
substrate complex formation reduces also significantly the catalytic activity. Protection 
against activity loss may be achieved to some degree by conducting the modification in 
the presence of substrate or a competitive inhibitor. Not only can chemical modification 
change enzyme kinetic constants, it can also alter the pH dependence of enzymatic 
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activity.  Therefore, an exhaustive characterization of modified enzyme may give a 
better idea on the efficiency of chemical modification.    
A major goal of chemical modification is to enhance enzyme 
thermostability.(47,48) Chemical modification has been successfully used for the 
prevention of autolysis, which plays a major role in the thermoinactivation of proteases. 
The strategy relies on the specific modification of amino groups preceding the sites 
targeted for the cleavage of peptide chain. As a result, the modified residues are not 
recognized by the protease, and do not serve as templates for peptide bond hydrolysis. 
This principle was, for example, applied to the thermolabile protease, trypsin. The 
lysine and arginine residues, at which polypeptide cleavage occurs, were covalently 
altered. As expected, this specific chemical modification led to the enhancement of 
protease resistance to heat.(50) Chemical modification may not be as effective at 
minimizing the self-digestion of less specific proteases. Thermostability may be 
dramatically affected by changes in protein surface properties including polarity, 
hydrophobicity (or hydrophilicity), and number of positively (and negatively) charged 
groups.(47,48) However, there is no general rule to correlate the observed effects and 
predict further covalent modifications. Hydrophilization of protein surface tends to 
provoke enhanced thermostability in many cases and especially in the case of alpha-
chymotrypsin. Increase in hydrophilicity has been performed either by covalently 
altering hydrophobic residues such as proline with hydrophilic chains or by covalently 
coupling primary amines of lysine residues to more hydrophilic reagents. The degree of 
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stabilization depends on protein properties and extent of modification. 
Hydrophilization, however, does not systematically ensure stabilization, as shown by 
several studies where it caused protein destabilization. As suggested by R. Tyagi and 
coworkers,(48) it may be possible that a given protein reaches an optimal extent of 
stabilization at a specific ratio between surface hydrophobicity and hydrophilicity, and 
that this optimum is protein-dependent. 
Chemical modification of proteins with PEG derivatives, also called 
PEGylation, has driven a lot of interest especially in drug delivery and enzyme 
chemistry.(51,52) PEG molecules are non-toxic amphiphiles. Once covalently linked to 
proteins, and if the extent of PEGylation is sufficient, PEG’s confer their ability to be 
soluble in both aqueous and organic phases to the bioconjugates. PEGylated proteins 
are soluble, active and highly stable in various organic solvents such as benzene, 
toluene and trichloroethane. PEGylation also enhances stability of enzymes in emulsion 
systems. Another attractive property of PEG’s is to repel large polymers from their 
vicinity and, hence, to be non- immunogenic. This property is translated to proteins via 
PEGylation. Consequently, PEG-proteins exhibit reduced immunogenicity and 
increased blood clearance time (in vitro stability). 
2.1.3.3 Immobilization. Immobilization refers to the preparation of insoluble 
derivatives of enzymes.(53,54,55) Immobilization techniques have been increasingly used 
in industrial applications in order to ease the separation of biocatalysts from the 
effluents and, hence, the recovery and purification of products. By switching from 
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homogeneous to heterogeneous biocatalysis via immobilization the costs of downstream 
processing can therefore be considerably minimized. Moreover, solid biocatalysts offer 
the major advantage of being reusable. Interestingly, immobilization can dramatically 
affect enzyme properties such as pH-dependence, temperature profile, resistance to 
proteolytic digestion and denaturants, as well as kinetics, and has often been observed 
to enhance thermostability.  
Immobilization can be performed by entrapping the enzyme of interest into 
polymers, gels, microcapsules made of semi-permeable membranes, and hollow fibers. 
The immobilized enzyme may exhibit altered characteristics as a result of the changes 
in its micro-environment and its possible non-covalent interaction with the matrix. 
Immobilization involves otherwise the coupling of the enzyme with a selected solid 
support via covalent and (or) non-covalent interactions. Several non-covalent linkages 
can be specifically favored, including ionic and metal bindings as well as physical 
adsorption.(56) With the exception of physical adsorption, the support has to be activated 
prior to enzyme binding. Immobilization by adsorption results from weak forces 
between the protein and the solid surface, such as electrostatic and hydrophobic 
interactions or hydrogen bonds. Adsorption may proceed via conformational 
rearrangements, depending on the enzyme nature.(57) Increase in enzyme thermostability 
is often explained by the hydrophilicity/hydrophobicity of the selected support.(56) As 
adsorption constitute a mild immobilization process with respect to covalent linkage, it 
is expected to have less effect on enzymatic kinetic behavior. Despite its simplicity, 
immobilization by physical adsorption is significantly limited by the tendency of 
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enzyme to desorb from the support. A smaller extent of leakage is observed when the 
enzyme is attached onto a solid support via stronger linkages such as ionic and affinity 
bindings.(56)  
Affinity binding occurs in a confined region of the protein surface, and, hence, is 
not likely to influence enzyme properties unless the binding site is close to the active 
site. Structural changes may possibly result from indirect and non-specific interactions 
with the support itself. Immobilization via affinity binding is a powerful technique, 
which has been, for example, successfully applied to the purification and concentration 
of proteins, leading to the development of techniques such as affinity liquid 
chromatography. The particularity of affinity liquid chromatography relies on the 
activation of the stationary phase with a specific ligand such as an antibody or a metal 
ion. The process requires first the column loading with the protein mixture. Proteins 
weakly adsorbed are then easily rinsed out while the protein of interest stays bound to 
the specific ligand. Release of the targeted protein from the column usually necessitates 
an increase in the ionic strength of the elution buffer or the addition of a competitor for 
the binding site in the mobile phase. Native conformation of enzyme is recovered in the 
general case.  
More efficient immobilization methods involve the covalent attachment of the 
enzyme onto or into a solid support. The effect of covalent immobilization is usually 
exhibited by the enhancement of thermostability in aqueous media and is often 
associated with the alteration in pH optima and dependence of enzymatic activity on 
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pH.(58,59,60,61) It is also noted that covalent bonding leads to an increase in the intrinsic 
KM value combined with a decrease in kcat value.(62) The improvement of true 
biocatalytic stability via immobilization may be explained by the modifications in 
enzymatic conformational structure. The polymeric microenvironment and the covalent 
interactions connecting the biocatalyst to the support lead to a reduction in the enzyme 
mobility. Therefore, the formation of enzyme-polymer systems helps prevent against 
denaturing and instability resulting from conformational fluctuations. Traditionally, 
functionalities present at the support surface are chemically modified in such way that 
they can further react with some specific side chains such as primary amines, carboxylic 
or hydroxyl groups at the enzyme surface under mild conditions. Given the steric 
hindrance between the enzyme and the support, only few (one or two) covalent linkages 
can be formed. Each point of covalent attachment brings some rigidity to the enzyme 
structure. Multiple covalent bindings between the enzyme and support provide a 
maximum rigidity; thus, they are most likely to prevent unfolding upon heating or in the 
presence of a denaturant. One way to achieve multipoint covalent immobilization is by 
copolymerizing the enzyme with monomers capable of reacting with some specific 
functionalities at the enzyme surface. During polymerization, the enzyme acts as a 
monomer, and is thus expected to be uniformly distributed within the resulting 
biopolymer. To ensure an efficient immobilization process the rate of bond formation 
between monomer functionalities and targeted enzyme groups should be at least as fast 
as that between monomer molecules. One should keep in mind that extensive covalent 
modification may, however, significantly alter the enzyme kinetic characteristics and 
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lead to loss of catalytic efficiency. The principle of multipoint irreversible 
immobilization was, for example, successfully applied to the incorporation of enzymes 
such as phosphotriesterase (EC. 3.1.8.1),(63) and aminoacylase (EC. 3.5.1.14)(64) into 
polyurethane foams via the favorable reaction between isocyanates and primary amines 
at lysine residues.  No significant enzyme leakages from the foams were observed. 
Moreover, the immobilized enzymes exhibited good activity retention and enhanced 
thermostability.  
The mass transfer of substrate and product is a major concern for the 
characterization of immobilized enzymes. In the general case, the substrate, initially 
present in the liquid phase, diffuses to the enzyme-containing solid support and is 
transformed into product at the enzyme active site. The product is further released from 
the enzyme active site and diffuses back from the solid phase to the liquid bulk. When 
the enzyme is immobilized onto the support surface, only external diffusional 
limitations can occur. Systems containing enzyme ent rapped or covalently incorporated 
into a solid matrix may be limited by both external and internal diffusions. In the 
presence of diffusional limitations, apparent enzymatic characteristics are obtained that 
may not reflect the true effects of immobilization on the enzyme properties. For 
example, during thermoinactivation experiments, the immobilized enzyme does not 
apparently loose any activity over time as long as its activity is diffusionally limited. 
Apparent losses of activity and, hence, thermoinactivation are only recorded as the 
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system becomes kinetically controlled. Consequently, an apparent thermostability 
enhancement may be recorded when there is no true increase in thermostability.   
Sol-gel materials have been increasingly employed as support fo r protein 
immobilization in the last ten years since they exhibit interesting physico-chemical 
properties and can be used for a wide range of applications including coatings, gels and 
fibres.(65,66) Sol-gel materials result from the hydrolysis of the silicon alkoxide initiator, 
( ) SiRO 4 , in the presence either of an acidic or alkaline catalyst at room temperature:(67)  
 
 
 
(SiO)nn(RO)4Si
Hydrolysis
 
 
 
 
Other metal alkoxide precursors can be used too.(67) Subsequent processing of 
the resulting gel may include steps of condensation, drying and annealing, depending on 
the application for which the inorganic matrix is to be used.(67) Variants of SiO 2-based 
materials are obtained by initiating the hydrolysis with precursors of the type 
( )3' ROSiR . Proteins can be either covalently immobilized onto the sol-gel matrices or 
encapsulated within the inorganic gel particles.(67) Many examples have been reported 
where the immobilization process resulted in good enzymatic efficiency and stability. 
2.1.3.4 Protein Engineering. Enzyme inactivation correlates with structural and (or) 
chemical mechanisms. As discussed previously, enzyme inactivation can primarily 
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result from the covalent alteration of specific residues such as methionines, asparagines, 
glutamines and free cysteines. In such cases, the enzyme can be stabilized by replacing 
the labile residues in the amino acid sequence by other more resistant residues via site-
directed mutagenesis (protein engineering).(68)  
Much effort has been made in the last decade to determine the structural rational 
for the high thermostability of thermophilic and hyperthermophilic proteins, as 
compared with mesophilic proteins. Several potential causes have been determined 
from the direct comparison between the structures of various homologous meso- and 
thermophilic enzymes, and can be further applied to the stabilization of proteins by 
protein engineering.(69,70,46) Although no general principles are available yet, it has been 
shown that stabilization may occur by increasing the number of hydrogen bonds, the 
electrostatic interactions, the protein compactness, the a-helix content, the ratio of polar 
to unpolar external area, the number of disulfide bridges and the number of 
prolines.(68,69) Optimizing the hydrophobic  interactions, as well as other parameters such 
as the stability of metal-binding sites (in the case of metalloenzymes) may result in 
stabilization too.(68,69) The importance of each of these properties differs from one 
enzyme to another. The stabilization of a given enzyme requires first to carefully 
analyze the protein four structural levels (primary, secondary, tertiary and quaternary), 
to subsequently combine this knowledge to fundamentals on protein thermostability and 
estimate the amino acids that need to be replaced by site-directed mutagenesis. The 
process is quite complex. Moreover, the effects of selected mutations on enzyme 
characteristics, including thermostability, are not systematically fully predictable. 
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2.1.3.5 Directed Evolution. Directed evolution consists in developing mutants of an 
initial wild type protein by random mutagenesis and (or) DNA shuffling in order to 
enhance some selected property(ies) of the protein such as activity and 
stability.(71,72,73,74) The mutants usually display diverse characteristics with efficiencies 
lower, higher, or equal to that of the wild type parent. Given the unpredictable effects of 
random mutation/DNA shuffling on the protein, the resulting variants further have to be 
screened for the targeted property(ies).(71) The mutant(s) exhibiting the greatest 
improvement is(are) isolated and serve as parent sequence(s) for a second round of 
random mutation.(71) Selection methods rely on the growth of a host organism under 
conditions (temperature, pressure, culture medium…) only viable for the mutants with 
the desired trait(s), and may be used as a pre-screening process.(75) Optimization is 
obtained by reiterating the process several times. Since this approach is based on 
random mutagenesis/DNA shuffling, only the protein primary structure needs to be 
known. Therefore, unlike site directed mutagenesis, extensive knowledge on the 
structural bases for biological functions is not necessary. 
Directed evolution is a powerful tool to improve biological functions and guide 
protein evolution towards new properties, by mimicking to a certain extent the 
evolution in vivo of proteins. Moreover, it enables the development of biological 
properties that are not present in nature but of major interest for commercial 
applications. Directed evolution has, for example, largely contributed to the 
enhancement of protein thermostability. Unlike chemical modification and 
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immobilization techniques, increases in thermostability are obtained without reducing 
the biological activity.(72,75) 
2.2 Immobilization of Agentases 
2.2.1 Agentases 
A number of enzymes exist which are capable of degrading a wide range of 
organophosphate (OP) compounds.(76,77) The first OP degrading enzyme was observed 
by Mazur, who reported the hydrolysis of DFP to hydrofluoric acid and 
diisopropylphosphoric acid by enzymes found in the tissues of humans and rabbits.(76, 78) 
Since this report, a wide number of bacteria and eukaryotic organisms have been shown 
to possess the ability to degrade organophosphate compounds.(76,78) OP degrading 
enzymes have been isolated from a variety of sources, including microorganisms, 
insects, plants, mammals, birds, and squid.(78, 79, 80, 81, 82, 83, 84, 85) Bacteria with OP 
degrading capabilities have been identified in Flavobacterium, Pseudomonas., 
Bacillus., and Anthrobacter. In addition, OP degrading activity has been found in the 
fungi Phanaerochaete chrysosporium and Trichoderma viride and in algae and 
cyanobacteria.(77,76) 
Considerable research has focused on the isolation of organophosphate 
hydrolyzing enzymes and the cloning and sequencing of the genes that code for them.  
This information has been successfully used for the introduction of these genes into 
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other organisms, for site-directed mutagenesis,(86,87,88,89,90,91) for directed evolution 
studies and for the development of protein:protein fusions.(92,9394,95) The enzymes 
responsible for organophosphate degradation are ideal for biocatalysis since they do not 
require expensive cofactors, are stable over a wide range of temperatures and pH, and 
generally have broad substrate specificity. The nomenclature and classification of 
phosphoric triester hydrolases can be rather bewildering and the reader is referred to a 
number of reviews that describe in more detail the many types of OP and CW degrading 
enzymes.(76,77,96,97) Nevertheless, these enzymes are very diverse and the exact 
physiological substrate is not known for most of them.(96) They have been classified 
somewhat sporadically as the phophotriester hydrolases (EC 3.1.8) which are further 
broken down into two basic categories based on their substrate specificity: 1) the 
aryldialkylphosphatases (EC 3.1.8.1) which cleave P-O, P-S, and P-N bonds and 2) the 
diisopropylfluorophosphatases (DFPases, EC 3.1.8.2) which cleave P-F and P-CN 
bonds. 
The most thoroughly characterized enzyme is the organophosphohydrolase 
(OPH) from Pseudomonas dismuta MG.(79) Native OPH is a metalloenzyme, requiring 
zinc for catalytic activity, and has broad substrate specificity. OPH has been shown to 
degrade pesticides such as paraoxon, parathion, coumaphos and diazinon, as well as 
nerve agents such as sarin, soman, and VX.(86, 87) For some substrates, such as paroxon, 
OPH catalyzes the hydrolysis at a rate very close to the diffusion-controlled rate;(98) 
however, for substrates such as VX, hydrolysis may occur at 0.1% of this rate.(86) The 
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DFPase enzymes isolated from squid,(81,91,99,100,101) and the organophosphate 
anhydrolase (OPAA) have also gained much attention since they can efficiently 
catalyze the hydrolysis of DFP, soman, sarin, and tabun.(76,96)  
2.2.2 Nerve-Agent Degrading Biomaterials 
Since the discovery of OP degrading enzymes, there has been interest in the 
application of these enzymes not only for the decontamination of waste waters and 
nerve agent stockpiles, but also for the protection of farmers and military personnel.  
Significant research has gone towards the development of clothing for the protection of 
individuals against exposure to nerve agents or the preparation of coating materials for 
resistance to chemical agents. Current protective clothing relies on an adsorptive 
polyurethane layer impregnated with activated carbon for OP adsorption. This type of 
clothing must be carefully disposed of since it lacks the ability to detoxify itself; 
furthermore, the adsorptive layer adds extra weight to the clothing. Special chemical 
agent resistant coatings (CARC) that prevent the penetration of chemical agents through 
the coating polymer layer are also required for military vehicles.(102) The development 
of enzyme-containing polymeric materials will enable the preparation of a wide variety 
of self-decontaminating clothing and surfaces. 
The preparation and purification of enzymes can be costly; therefore, it is 
imperative to immobilize an enzyme in order to maximize productivity. Effective 
immobilization methods allow for the preparation of an immobilized enzyme that 
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retains most of its native activity, maintains high operational stability in its working 
environment, and maintains high storage stability. Since the late-seventies, a number of 
processes have been investigated for immobilizing OP degrading enzymes. Many 
methods have been used for developing biomaterials for application in biosensors and 
bioelectronics.   
Much attention has been focused on preparing materials for use in the 
decontamination of OP-contaminated aqueous waste streams and for the detoxification 
of chemical weapon stockpiles. The first report of an immobilized enzyme preparation 
was by Munnecke in 1977 and 1979.(103,104) In these experiments, a crude cell extract 
from a mixed culture, capable of degrading nine organophosphate insecticides, was 
bound to glass beads via an azide coupling method. The enzyme-bead preparations were 
then used in packed columns and fluidized beds. The beads maintained good stability 
(about 50% of initial activity during discontinuous use over 180 days. However, the 
enzyme preparation was susceptible to deactivation by solvents and unknown inhibitors 
in the aqueous waste stream.(104) 
Caldwell and Raushel immobilized Pseudomonas diminuta OPH by adsorption 
onto trityl agarose and by covalent attachment using glutaraldehyde onto various nylon 
supports including filters, membranes, tubing and packings.(105,59) They found that the 
trityl agarose column was not practical due to enzyme leaching from the support.(59)  On 
the other hand, covalent attachment of OPH to nylon membranes showed no leakage 
and no loss of activity after 4 weeks of operation. Havens and Rase investigated the 
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effect of support chemistry and configuration on the performance of immobilized OPH 
for OP detoxification.(106) The supports (of varying particle size and porosity) were 
packed into columns and compared for their ability to attach enzyme and maintain 
stability. The authors found that a N-hydroxysuccinimide (NHS) activated support had 
the highest activity and a carbonyl diimidazole support had the highest stability (66.9 
day half- life). It was suggested that the differences seen between the different support 
materials were caused by variations in support charge, porosity, or spacer length.  
 Grimsley et al. also investigated the use of cellulose for the covalent 
immobilization of OPH using glutaraldehyde.(107) Cotton is a highly absorptive material, 
and in combination with nerve agent degrading enzymes, would be appropriate for use 
as decontaminating towelettes, gauze, swabs, bandages and wound dressings.(107) A 
cotton towelette was reported to degrade 0.12 mg paraoxon/min/cm2 of fabric and 
should be able to degrade gram size quantities of nerve agent in a few minutes.(107)  
However, long-term stability may be a concern since a dry fabric with trehalose added 
as a stabilizer lost nearly 30% of its initial activity after 35 days.(107)  
Recent advances in materials synthesis using enzymes have allowed the 
preparation of a variety of bioplastics and enzyme-polymer composites for use as 
reactive monoliths, foams, fibers, wipes and coatings.(66,108)  These polymers involve the 
incorporation (usually covalent) of the biological material directly into the polymer. The 
enzyme may actually participate in the reaction, and via the reactive functionalities on 
the enzyme surface, form multiple covalent attachments with the polymer. This ensures 
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retention of the enzyme in the polymeric material. Furthermore, enzymes prepared in 
this way maintain considerable stability under normally denaturing conditions.(113) A 
number of methods have been used to prepare bioplastic or enzyme-polymer composite 
materials with OP degrading enzymes and these are discussed below. 
Enzyme-containing polyurethanes are ideal matrices due to their ease of 
preparation, the large range of polymer properties that can be prepared, and the ability 
for multi-point covalent attachment of the enzyme to the polymer.  These bioplastics are 
prepared by reacting a polyurethane prepolymer that contains multiple isocyanate 
functionalities with an aqueous solution containing the enzyme.  Both foams and gels 
can be prepared depending on the reactivity of the isocyanate.(109) Amines react with the 
isocyanate to crosslink the polyurethane matrix. Any enzyme that is present in the 
aqueous solution can participate in the polymer synthesis via the lysine residues on the 
surface.(109,63) Havens and Rase were the first to investigate the incorporation of OPH 
into a polyurethane sponge.(110) This approach has also been studied extensively in our 
laboratory.(63,  111, 112,113) Le Jeune et al. also prepared polyurethane foams containing 
acetylcholinesterase (AChE), reporting that 90% of available enzyme activity was 
retained within the polymer during synthesis. The AChE-foams were highly active after 
storage for two full years.(113, 114) 
Gill and Ballesteros have investigated P. dimunita organophosphate hydrolase 
immobilized in sol-gel polymers and enzyme-polymer composite materials.(115,116) They 
developed a sol-gel encapsulation technique which employs poly(glyceryl silicate) 
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(PGS) rather than the conventional poly(methyl silicate) (PMS). When they compared 
the efficiencies of OPH immobilized in sol-gel materials with OPH immobilized in 
polyurethane foam, they observed high activity retention in the PGS derived sol-gel 
(94%) and polyurethane foam (68%) while the sol-gel prepared using PMS had an 
activity retention of only 28%. All three preparations had good stability over 700 hrs at 
40oC with the PGS sol-gel performing best after long time periods.(115) 
In a more recent work, Gill and Ballesteros investigated the properties of OPH-
silicone biocomposites.(116) The biocomposites were first prepared by adsorption of the 
enzyme to poly(hydroxymethylsiloxane) or by covalent attachment of the enzyme to 
silica activated with 3-isocyanatopropyltriethoxysilane. These enzyme-powders were 
used as activated fillers in room-temperature vulcanizable (RTV) silicone polymers.  
These protein-silicone biocomposites can be prepared with a wide range of physical 
properties and can be formed into biocatalytic sheets, thick films, granulates, and solid 
foams.(117) The activity retention of OPH in OPH-silicones ranged from 49% at very 
high enzyme loading to 67% at low enzyme loadings. When used as packing in 
continuous reactors in the presence of 10% v/v isopropanol, the silicone polymers were, 
in general, able to handle larger OP fluxes than OPH-polyurethane. Furthermore, 
silicone composites had better physical stability (especially in the presence of high 
solvent concentrations) than polyurethanes, which swelled slightly and began to 
disintegrate after long-term operation. 
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2.3 Incorporation of Enzyme into Polyurethane Foams  
A number of researchers have assessed the properties of enzyme-
polyurethanes.(118,119,120) Prior research in our own laboratory has focused on the 
properties of organophosphorus hydrolase (OPH)-containing polyurethane 
polymers.(63,121,111) OPH is an effective catalyst for the degradation of organophosphorus 
nerve agents, which are often characterized by a low solubility in aqueous media. The 
polyurethane polymer represented an attractive support material, since its relative 
hydrophobicity facilitates the interaction between biocatalyst and hydrophobic 
substrates. The biopolyurethanes also exhibit attractive chemical and mechanical 
properties such as solvent resilience and structural flexibility. OPH was immobilized 
during polyurethane foam synthesis, which involves the reaction of water with the 
multiple isocyanate functionalities of foamable polyurethane prepolymers, Hypol.(109) 
Hypol prepolymers are either aliphatic or aromatic polyisocyanate-terminated 
polyethers. The reaction between isocyanate groups and water molecules results in the 
formation of unstable carbamic acid, which decomposes into primary amine and carbon 
dioxide (Figure 8a). This degradation initiates the foaming process with the carbon 
dioxide bubbling through the reacting system, providing the porosity of the 
polyurethane polymer. The primary amines produced during the first step of 
polymerization compete with water to further react with isocyanates, leading to the 
formation of a crosslinked polyurethane matrix.(Figure 8b) The protein participates in 
the foam synthesis via its lysine residues, enabling the production of a theoretical 
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enzyme-polymer network.(Figure 8c) The addition of surfactants during polymerization 
changes the surface tension between reacting polymer and released carbon dioxide, 
influencing the carbon dioxide evolution and hence affecting the physical properties of 
the foam matrix, such as density, surface area, porosity, and rate of wetting.  
The covalent incorporation of OPH into sponge-like foams leads to more than 
50% of activity retention with a 3-fold increase in KM value. No internal or external 
diffusional limitations were detected during activity measurements in aqueous media. 
Interestingly, no essential change in the inhibition effect of chemicals like DMF, 
dioxane and phenol on OPH was observed as a result of immobilization process. These 
results, combined with the kinetic analysis, suggest that the immobilization process 
does not significantly alter OPH intrinsic reactivity. The thermostablity of OPH-
containing bioplastics was examined at 25 and 50oC in the absence and presence of 20% 
DMSO. OPH incorporation into polyurethane foams dramatically stabilized its half- life, 
which changed from days to years under ambient conditions in aqueous media. 
Interestingly, the addition of DMSO to aqueous media enhanced the thermostability of 
native and immobilized enzyme in a similar manner. Since hypochlorite bleach 
constitutes an important means of nerve agent decontamination, the effect of oxidizers 
on OPH-containing biopolymers was also examined in aqueous media. It was 
demonstrated that the immobilization process resulted in  viable biopolymer in buffered 
bleach solutions whereas the native enzyme is immediately denatured. Similar results 
were obtained for stability against pH fluctuations.  
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Figure 8 Reaction schematic of biopolymer synthesis  
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Incorporation into a PU polymer network through multi-point attachment was 
shown to be a rapid and effective strategy for enhancing the stability of OPH, while 
retaining its activity. Biocatalyst disadvantages such as short lifetime, limited solubility 
in organic solvents, and expensive separation of reactants and products were overcome. 
This immobilization method is particularly attractive for the biocatalytic 
decontamination and detection of nerve agents, and may serve as a leading tool for the 
protection of individuals. Consequently, investigating the potential of PU foams as 
matrices for the immobilization of other enzymes and especially agentases (nerve agent 
degrading enzymes) is of major interest. 
2.4 Polymers Prepared Using ATRP 
Atom transfer radical polymerization (ATRP) ensures the synthesis of polymers 
with controlled molecular weights and polydispersities.(122) This technique involves the 
radical polymerization of monomers in the presence of a halide initiator, the synthesis 
being catalyzed by a transition metal, often copper halide, complexed with a nitrogen-
based ligand (Figure 9).(122) During polymerization, the initiator serves as a template for 
the polymer chain growth.(123) ATRP enables the synthesis of well-defined polymers in 
homogeneous organic and aqueous systems as well as in emulsions,(124) and is efficient 
at ambient temperature.(125)  ATRP, performed in water and at room temperature, has 
been shown to be rapid for the polymerization of hydrophilic monomers such as 
glycerol monomethacrylate, methoxy-capped oligo(ethylene glycol) methacrylate, and 
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2-hydroxyethyl acryla te, and is characterized by high yields and relatively low 
polydispersities.(126,127,128,129) In the case of methacrylic monomers, the CuCl catalyst is 
often used in combination with a bromide-based initiator to achieve a better control of 
polymer growth, as recommended by Matyjaszewski et al.(130,131) CuCl solubilization in 
water phase relies on its complexion with unsubstituted bipyridine (bpy).(126) The use of 
polar co-solvents such as methanol has been reported for these waterborne systems.(132) 
The strategy for enzyme covalent incorporation into acrylic polymer consists in 
modifying the initiator with enzyme prior to polymerization,(133) and further performing 
ATRP at ambient temperature in aqueous system using the resulting bio-macroinitiator. 
This approach relies on the grafting of polymer chains from the bio-macroinitiator. 
ATRP have been successfully employed in waterborne systems with other types of 
macroinitiators and activated solid supports such as PEG beads and gold-coated 
wafers.(132,134,135)  
2.5 Enzyme Immobilization into Coatings  
The development of coatings or films with biocatalytic properties is of major interest 
for bioprocesses such as biocatalytic separation and filtration,(136,137) biochips,(138,139,140) 
and antifouling.(141,142) For example, the use of enzymes in the design of amperometric 
biosensors have been gaining importance for the last two decades. Biocatalytic thin 
films have been successfully prepared using bio-inspired methods including self-
assembly technologies such as the Langmuir-Blodgett technique.(143) The Langmuir-
Blodgett process involves the construction of organized mono- or multi- layer films  
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Figure 9 Principles for ATRP 
From Matyjaszewski et al.(123) 
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starting from amphiphilic molecules including surfactants, lipids, fatty acids and 
membrane fragments. If present during the film construction, a membrane-associated 
enzyme is capable of spontaneous partial or total insertion into the self-assembled 
layer.(143) The resulting molecular bio- layer combines high packing density and elevated 
stability.(143) Other enzymes are nonamphiphilic when folded in their active 
conformation and do not tend to self-assembly into 2D crystals in the presence of 
amphiphilic molecules. Strategies have been developed to ensure their incoporation into 
bidimensional layers, and involve, for example, their chemical modification with lipids, 
or their fusion to amphiphilic proteins.  The autoassembly of nonamphiphilic proteins 
has also been achieved by altering the enzyme-enzyme, enzyme-lipid and enzyme-
substrate interactions via mutagenesis. (143) Another way to prepare biocatalytic self-
assembled films is by immobilizing the enzyme onto the pre-formed layer by covalent 
or non-covalent coupling. (143)  
Other strategies for the synthesis of bioactive films rely on combining enzymes 
to polymeric matrices. The biocatalyst is either immobilized onto the polymer surface 
or inserted within the bulk polymer. Physisorption is by far the simplest immobilization 
method. As the biocatalyst is linked to the coating surface by weak non-covalent 
bondings, it is likely to desorb and leach from the substrate. Schemes based on covalent 
attachment to the coating surface usually result in more stable interfaces, (144,145,146,147) 
although they may involve complicated chemistry and provoke significant enzyme 
deactivation. Encapsulation within the three-dimensional coating network is the most 
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popular immobilization means as it helps avoid, to a large extent, the problems 
encountered in covalent coupling and  physisorption. One major advantage of physical 
entrapment is that it can occur in one-step during coating synthesis and is associated 
with a minimum risk of protein denaturation.  
A large range of polymer films have been shown to be biocompatible and have 
been used for biocatalyst encapsulation or incorporation by mutli-point and covalent 
linkages. Examples of supports are hydrophilic membranes, hydrogels, hydrophobic 
matrices such as acrylic resins and sol-gel-derived inorganic-organic materials such as 
xerogels.(67148,149,150)  Enzyme-containing hydrophilic films are often coated with an 
external water-resistant protective film to enhance their operational stability. (151,152,153) 
The preparation of biocatalytic films by crosslinking the enzyme with glutaraldehyde 
has also been reported.(154) Coatings formed electrochemically are being increasingly 
employed, especially in the fabrication of amperometric and miniaturized biosensors, as 
electropolymerization offers the major advantage of generating polymer layers with 
controlled thicknesses.(155,156,157) The main types of electrochemically deposited 
coatings used for biocatalyst immobilization are conducting polymers including 
polyaniline, polypyrrole, polyindole, and insulating polymers such as poly(o-
phenyldiamine and polyphenols.(155) 
The catalytic properties and thermostabilities of enzyme-containing polymeric 
coatings are summarized in Tables 1 and 2, respectively. A change in the Michaelis-
Menten constant, KM, upon enzyme immobilization is not systematic. For example, 
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glucose oxidase encapsulated into polypyrrole and polyindole films exhibited KM’s 
comparable to that of native enzyme (Table 1).(178,169,177,171)  Similar observations were 
made for galactose oxidase physically entrapped into polyaniline, as well as glucose 
oxidase and pronase covalently inserted into polypyrole and polydimethylsiloxane, 
respectively (Table 1).(163,168,173,140) Dramatic increases in the KM’s of a-amylase, flavin 
reductase and pronase were observed when these enzymes were immobilized into 
acrylic resin, poly(pyrrole-flavin) and sol-gel derived film, respectively (Table 
1).(153,140,162) A possible explanation for these observations is the low diffusion of 
substrates (or products) in the liquid phase within the bulk film. Higher KM values may 
also be due to the unfavorable partitioning of the substrate between the liquid and the 
polymer phases. Another probable reason is a lowering in the affinity of the enzyme 
active site for the substrate, which results either from the alteration of the enzyme 
conformation or from the substrate-polymer interactions. Glucose oxidase physically 
entrapped into poly(aniline), p-phenyldiamine, and aniline copolymerized with p-
phenyldiamine exhibited KM’s lower than that obtained for native enzyme (Table 1).(177) 
These results may be induced by the higher substrate affinity for the polymer phase as 
compared with the media. Cosnier and coworkers reported a 5-time decrease in the KM 
of tyrosinase upon entrapment into a poly(amphiphilic-pyrrole) matrix (Table 1).(195,196) 
This unusual result was explained by a local increase in the substrate concentration as a 
result of the electrochemical regeneration of the enzymatically degraded substrate 
within the conductive coating.(195,196)  Immobilization is often associated with a decrease 
in the kcat value. Covalent processes are more likely to dramatically alter the biocatalyst 
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kinetics as they induce changes in the enzyme primary sequence and 3D structure. The 
effect of immobilization process on kcat was only reported for the insertion of a-
chymotrypsin into siloxane-based films.(140) As expected, the decrease in kcat value 
induced by enzyme entrapment was not as severe as that resulting from enzyme multi-
point and covalent immobilization (Table 1).(140) The lowering of kcat value may be 
caused by diffusional limitations as well as the loss of flexibility undergone by the 
enzyme. The overall effect of the immobilization process on the enzyme kinetics is 
given by the activity retention, which corresponds to the ratio of the immobilized and 
native specificity constants (
M
cat
K
k
).  The activity retention of biocatalytic coatings can 
significantly fluctuate depending on the enzyme and the polymer properties such as 
crosslinkage and hydrophilicity.  The lowest activity retention was observed for the 
entrapment of flavin reductase into pyrrole-based coating (0.13 % AR), whereas lipase-
containing poly(propylene glycol)-based coating exhibited the highest activity retention 
(81.6 % AR) (Table 1).(161,186) The process of immobilization into coatings resulted in 
most cases in the enhancement of enzyme thermostability (Table 2). As the 
immobilized enzyme is locked within the polymeric matrix, it is less flexible et hence 
less susceptible to denaturation.  
The range of water-resistant matrices applied to the preparation of enzyme-
containing coatings (or films) (ECC’s) is still limited. Developing new strategies for the 
synthesis of ECC’s with high catalytic efficiencies and good enzymatic stabilities would 
enlarge the use of enzymes in industrial applications.   
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Table 1  
Kinetic properties of enzyme-containing coatings  
 
 
Enzyme characteristics 
Native  Immobilized 
Enzyme Topics Coating 
precursor/polymer 
Method of 
immobilization 
 
Media S Enzyme 
Activity 
 kcat 
s -1 
KM 
mM 
kcat 
s -1 
KM 
mM 
AR 
% 
R 
a-Amylase Biosensor p,p’-Bisphenyl phenol A 
epoxide acrylic resin 
Entrapment Buffer - - - 0.6 
mg/ml 
- 12.7 
mg/ml 
- 158 
Entrapment Buffer S1 - 12 0.049 1.2 0.17 2.9 140 a-CT Enzyme 
activity 
Polydimethylsiloxane 
 Multi-point 
covalent 
incorporation 
Buffer S1 - 12 0.049 1.0
b 0.76b 0.5b 140 
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Enzyme characteristics 
Native  Immobilized 
Enzyme Topics Coating 
precursor/polymer 
Method of 
immobilization 
 
Media S Enzyme 
Activity 
 kcat 
s -1 
KM 
mM 
kcat 
s -1 
KM 
mM 
AR 
% 
R 
Polydimethylsiloxane; 
Dimethyldimethoxy -
silane; 
chlorinated rubber 
Multi-point 
covalent 
incorporation 
Buffer S1 - 12 0.049 0.65
b 1.7b 0.2b 140 
Poly(vinyl acetate) Entrapment Buffer S1 
(0.2 mM)
8.08±0.65 
10-3mM.s -1.cm-2
- - - - - 159 
Poly(methyl methacrylate) Entrapment Buffer S1 
(0.2 mM)
8.10-3 
mM.s -1.cm-2 
- - - - - 159 
a-CT Enzyme 
activity 
Polystyrene Entrapment Buffer S1 
(0.2 mM)
1.2.10-2 
mM.s -1.cm-2 
- - - - - 159 
DAAO Biosensor Mercaptohydroquinone Entrapment Buffer D-phe - - - - 4.83 - 160 
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Enzyme characteristics 
Native  Immobilized 
Enzyme Topics Coating 
precursor/polymer 
Method of 
immobilization 
 
Media S Enzyme 
Activity 
 kcat 
s -1 
KM 
mM 
kcat 
s -1 
KM 
mM 
AR 
% 
R 
D-ala - - - - 3.48 - 121 
D-val - - - - 2.50 - 160 
DAAO Biosensor Mercaptohydroquinone Entrapment Buffer 
D-leu - - - - 1.08 - 160 
[12-(Pyrrole-1-yl) 
dodecyl] 
triethylammonium 
tetrafluoroborate 
Entrapment Buffer - - - - - - 0.13 161 Fre Biosensor 
Flavin -pyrrole conjugate; 
[12-(pyrrole -1-yl) 
dodecyl] 
triethylammonium 
tetrafluoroborate 
Entrapment Buffer - - - 0.025 - 0.090 - 162 
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Enzyme characteristics 
Native  Immobilized 
Enzyme Topics Coating 
precursor/polymer 
Method of 
immobilization 
 
Media S Enzyme 
Activi ty 
 kcat 
s -1 
KM 
mM 
kcat 
s -1 
KM 
mM 
AR 
% 
R 
Galactose 
oxidase 
Biosensor Aniline Entrapment Buffer - - - 0.24.103 - 0.22.103 - 163 
Tetraethoxysilane; 
methyltriethoxysilane; 3-
aminopropyl-
trimethoxysilane 
Entrapment Buffer 
 
Glucose - - - - 0.03c - 164 
o-Aminophenol Entrapment Buffer Glucose - - - - 16.4 - 165 
Polyaniline Entrapment Buffer Glucose - - - - 12.4c - 166 
GOD Biosensor 
o-Phenylenediamine Entrapment Buffer Glucose - - - - 14.2 - 167 
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Enzyme characteristics 
Native  Immobilized 
Enzyme Topics Coating 
precursor/polymer 
Method of 
immobilization 
 
Media S Enzyme 
Activity 
 
kcat 
s -1 
KM 
mM 
kcat 
s -1 
KM 
mM 
AR 
% 
R 
17 - 19 - 168 
31 - 169 
Pyrrole 
 
Entrapment Buffer Glucose - - 
- - 
 78 - 170 
Glucose - - - - 1.5 - 171 Entrapment Buffer 
S3 - - -  1.6 - 170 
- - 13 - 172 
17 - 15c - 168 
GOD Biosensor 
Pyrrole 
Multi-point 
covalent 
incorporation 
Buffer S2 - - 
12.2 - 11.9 - 173 
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Enzyme characteristics 
Native  Immobilized 
Enzyme Topics Coating 
precursor/polymer 
Method of 
immobilization 
 
Media S Enzyme 
Activity 
 kcat 
s -1 
KM 
mM 
kcat 
s -1 
KM 
mM 
AR 
% 
R 
[12-(pyrrole -1-yl) 
dodecyl] 
triethylammonium 
tetrafluoroborate 
Entrapment Buffer Glucose - - - - 0.4-0.5 - 174 
Indole Entrapment Buffer Glucose - - - - 27.3 - 175 
Biosensor 
Cellulose triacetate Entrapment Buffer Glucose - - 2.3 - 2.4 - 176 
Aniline Entrapment Buffer Glucose - - 33 - 21.8±5.4 - 177 
Aniline; 
p-phenylenediamine 
Entrapment Buffer Glucose - - 33 - 23.5±0.8 - 177 
GOD 
Enzyme 
activity 
 
Indole Entrapment Buffer Glucose - - 33 - 28.3±4.8  177 
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Enzyme characteristics 
Native  Immobilized 
Enzyme Topics Coating 
precursor/polymer 
Method of 
immobilization 
 
Media S Enzyme 
Activity 
 kcat 
s -1 
KM 
mM 
kcat 
s -1 
KM 
mM 
AR 
% 
R 
o-Phenylenediamine Entrapment Buffer Glucose - - 33 - 22.0±2.0  177
33 - 16.0±1.8 - 177
GOD Enzyme 
activity Pyrrole Entrapment Buffer Glucose - - 
24 - 26 - 178 
o-Phenylenediamine Entrapment Buffer - - - - - 0.220 - 179 
 Pyrrole Entrapment Buffer - - - - - 0.04 - 180 
Polyaniline Entrapment 
adsorption 
Buffer - - - - - 0.032 - 181 
1.5 - 182 
HRP 
 
Biosensor 
 
Grafting polymer of 
poly(vinyl alcohol) and 4-
vinylpyridine; 
tetraehtylorthosilicate 
Entrapment Buffer - - - - - 
4.6 - 183 
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Enzyme characteristics 
Native  Immobilized 
Enzyme Topics Coating 
precursor/polymer 
Method of 
immobilization 
 
Media S Enzyme 
Activity 
 kcat 
s -1 
KM 
mM 
kcat 
s -1 
KM 
mM 
AR 
% 
R 
HRP Biosensor Grafting polymer of 
poly(vinyl alcohol) and 4-
vinylpyridine; 
tetraehtylorthosilicate 
Entrapment Buffer - - - - - 2.1 - 184 
3-Aminopropyl-
triethoxysilane; 
methyltriethoxysilane 
Entrapment Buffer pNPB 
(0.5 
mM) 
12±8 
mol.min-1.m-2 
- - - - - 185 Lipase 
 
 
Enzyme 
activity 
3-Mercaptopropyltri-
methoxysilane; 
tetraethoxysilane 
Entrapment Buffer pNPB 
(0.5 mM)
62 
mol.min-1.m-2 
- - - - - 185 
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Enzyme characteristics 
Native  Immobilized 
Enzyme Topics Coating 
precursor/polymer 
Method of 
immobilization 
 
Media S Enzyme 
Activity 
 kcat 
s -1 
KM 
mM 
kcat 
s -1 
KM 
mM 
AR 
% 
R 
Tetraethoxysilane Entrapment Buffer pNPB 
(0.5 mM) 
6±3 
mol.min-1.m-2 
- -    185 
Benzene S4 
S5 
0.78 
mmol.h1mgenz
-1 
- - - - 23.9 186 
n-Hexane S4 
S5 
7.50 
mmol.h1mgenz
-1 
- - - - 63.6 186 
Isooctane S4 
S5 
5.26 
mmol.h1mgenz
-1 
- - - - 81.6 186 
Lipase Enzyme 
activity 
Prepolymer based on 
poly(propylene glycol) 
 
 
Entrapment 
Isopropyl 
ether 
S4 
S5 
12.0d 
mmol.h1mgenz
-1 
- - - - 44.1a 186 
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Enzyme characteristics 
Native  Immobilized 
Enzyme Topics Coating 
precursor/polymer 
Method of 
immobilization 
 
Media S Enzyme 
Activity 
 kcat 
s -1 
KM 
mM 
kcat 
s -1 
KM 
mM 
AR 
% 
R 
LOD Enzyme 
activity 
2-Hydroxylethyl 
methacrylate 
Entrapment Buffer - - - - - - 20 187 
NADPH 
oxidase 
Enzyme 
activity 
Gelatin Entrapment Buffer - - - - - - 60 188 
OPH Enzyme 
activity 
Silanol-terminated 
poly(dimethylsiloxane); 
poly(diethyl silicate); 
poly(3-amino- 
propylethoxysiloxane) 
Entrapment Buffer - - - - - - 62a 189 
PPO 
 
Biosensor 
 
N (CH2)12 NEt3BF4
 
Entrapment CHCl3 - - - - - 0.02 - 190 
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Enzyme characteristics 
Native  Immobilized 
Enzyme Topics Coating 
precursor/polymer 
Method of 
immobilization 
 
Media S Enzyme 
Activity 
 kcat 
s -1 
KM 
mM 
kcat 
s -1 
KM 
mM 
AR 
% 
R 
p-cresol - - - - 0.035 - 191 
m-cresol - - - - 0.032 - 191 
PPO Biosensor Aniline Entrapment Buffer 
catechol - - - - 0.065 - 191 
Polydimethylsiloxane Entrapment Buffer - - - 0.62 - 1.9b  140 
Polydimethylsiloxane Multi-point 
covalent 
incorporation 
Buffer - - - 0.62 - 0.85  140 
Pronase Enzyme 
activity 
Polydimethylsiloxane; 
Dimethyldimethoxy -
silane; 
chlorinated rubber 
Multi-point 
covalent 
incorporation 
Buffer - - - 0.62 - 2.4  140 
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Enzyme characteristics 
Native  Immobilized 
Enzyme Topics Coating 
precursor/polymer 
Method of 
immobilization 
 
Media S Enzyme 
Activity 
 kcat 
s -1 
KM 
mM 
kcat 
s -1 
KM 
mM 
AR 
% 
R 
SBP Biosensor Grafting copolymer of 
poly(vinyl alcohol) and 4–
vinylpyridine; tetraethyl 
orthosilicate 
Entrapment Buffer - - - - - 5.12 - 192 
catechol - - - - 0.07 22 193 
p-cresol - - - - 0.08 - 193 
phenol - - - - 0.12 - 193 
Tyrosinase 
 
Biosensor Poly(hydroxy cellulose) Entrapment Buffer 
dopamine - - - - 0.61 - 193 
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Enzyme characteristics 
Native  Immobilized 
Enzyme Topics Coating 
precursor/polymer 
Method of 
immobilization 
 
Media S Enzyme 
Activity 
 kcat 
s -1 
KM 
mM 
kcat 
s -1 
KM 
mM 
AR 
% 
R 
catechol - - - - 0.06 - 194 
phenol - - - - 0.58 - 194 
Poly(vinyl alcohol); 
poly(hydroxy cellulose) 
Entrapment CHCl3 
p-cresol - - - - 3.5 - 194
Tyrosinase Biosensor 
N (CH2)12 NEt3BF4
 
Entrapment Buffer catechol - - 0.24 - 0.05 9 195 
196 
a: highest reported activity retention  
b: highest reported catalytic properties  
c: lowest reported Michaelis-Menten constant  
Abbreviations:  
AR: activity retention, ki: inactivation constant, pNBP: 4-nitrophenyl butyrate, R: reference, S: substrate, S1: N-succinyl-L-ala-L-ala-
L-pro-L-phe-p-nitroanilide, S2 : 4-aminoantipyr idine, S3 : benzoquinone, S4 : isopropenyl acetate (2 mM), S5: racemic sulcacol (2 mM) 
Amino acid abbreviations: 
D-prol: D-proline, D-phe: D-phenylalanine, D-ala: D-alanine, D-val: D-valine, D-leu: D-leucine 
Enzyme abbreviations: 
CA: creatinine amidohydrolase, CI: creatinine amidinohydrolase, DAAO: D-amino acid oxidase, Fre: flavin reductase, GOD: 
glucose oxidase, HRP: horseradish peroxidase, LOD: lacatate oxidase, OPH: phosphotriesterase from Pseudomonas diminuta 
PPO: polyphenyl oxidase, a-CT: a-chymotrypsin, SBP: soybean peroxidase, SO: sarcosine oxidase 
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Table 2 
 Thermostability of enzyme-containing coating 
 
 
Enzyme Coating  
precursor/polymer 
Method of  
immobilization 
Thermostability R 
Entrapment Native enzyme: t1/2  » 0.6 hr at 55 
o C; 
Immobilized enzyme: t1/2 » 1 hrs at 55 
oC 
140 Polydimethylsiloxane 
 
Multi-point 
covalent 
incorporation 
Native enzyme: t1/2  » 0.6 hr at 55 
o C; 
Immobilized enzyme: t1/2 » 1.4 hrs at 55 
oC 
140 
a-CT 
Polydimethylsiloxane; 
dimethyldimethoxy -
silane; 
chlorinated rubber 
Multi-point 
covalent 
incorporation 
Native enzyme: t1/2 » 0.6 hr at 55 
oC; 
Immobilized enzyme: t1/2 » 1.4 hrs at 55 
oC 
 
140 
DAAO Mercaptohydroquinone Entrapment The immobilized enzyme lost 20 % activity in 6 days of storage in buffer at 5 oC. 160 
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Enzyme Coating  
precursor/polymer 
Method of  
immobilization 
Thermostability R 
Fre [12-(Pyrrole-1-yl) 
dodecyl] 
triethylammonium 
tetrafluoroborate 
Entrapment No change in activity was observed after 6 days of storage in buffer at 6 oC.   161 
Tetraethoxysilane; 
methyltriethoxysilane; 3-
aminopropyl-
trimethoxysilane 
Entrapment  1 day < t1/2 < 5 days (storage dry and in buffer at 8 
oC) 164 
o-Aminophenol Entrapment t1/2 = 10 months (storage in buffer at 4 
oC) 165 
Polyaniline Entrapment t1/2 » 22-23 days (storage in buffer at 6 
oC)d 166 
GOD 
o-Phenylenediamine Entrapment No loss of activity in 9 days of storage at 4 oC in buffer 167 
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Enzyme Coating  
precursor/polymer 
Method of  
immobilization 
Thermostability R 
t1/2 » 60 min at 60 
oC in buffer 168 Entrapment 
t1/2 > 22 days (storage at 4 
oC in buffer) 169 
ki = 0.95.10
-4 s -1 at 60 oC; 
The immobilization process led to a 2.5 fold increase in the enzyme thermostability.  
172 
t1/2 » 150 min at 60 
oC in bufferd 168 
Pyrrole 
 
Multi-point 
covalent 
incoporation 
 t1/2 » 150 min at 60 
oC in bufferd 168 
[12-(pyrrole -1-yl) 
dodecyl] 
triethylammonium 
tetrafluoroborate 
Entrapment The immobilized enzyme did not undergo any activity loss when stored dry at 4 oC for 7 
days. 
174 
Aniline Entrapment t1/2 = 40 min at 55 
o C; t1/2 = 4.2 min at 60 
o C; t1/2 = 8.1 min at 65 
o C (immobilized GOD); 
t1/2 = 9.8 min at 55 
oC; t1/2 = 8.6 min at 60 
oC; t1/2 = 2.2 min at 65 
oC (native GOD) 
177 
GOD 
 
Aniline:  
p-phenylenediamine 
Entrapment t1/2 = 63 min at 55 
o C; t1/2 = 21 min at 60 
oC; t1/2 = 1.6 min at 65 
oC (immobilized GOD); 
t1/2 = 9.8 min at 55 
oC; t1/2 = 8.6 min at 60 
oC; t1/2 = 2.2 min at 65 
oC (native GOD) 
177 
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Enzyme Coating  
precursor/polymer 
Method of  
immobilization 
Thermostability R 
Indole Entrapment t1/2 = 8.4 min at 55 
oC; t1/2 = 3.9 min at 60 
oC; t1/2 = 1.8 min at 65 
oC (immobilized GOD);
t1/2 = 9.8 min at 55 
oC; t1/2 = 8.6 min at 60 
oC; t1/2 = 2.2 min at 65 
oC (native GOD) 
177 
o-Phenylenediamine Entrapment t1/2 = 80 min at 55 
o C; t1/2 = 24 min at 60 
oC; t1/2 = 6.4 min at 65 
oC (immobilized GOD); 
t1/2 = 9.8 min at 55 
oC; t1/2 = 8.6 min at 60 
oC; t1/2 = 2.2 min at 65 
oC (native GOD) 
177 
o-Phenylenediamine Entrapment t1/2 = 80 min at 55 
o C; t1/2 = 24 min at 60 
oC; t1/2 = 6.4 min at 65 
oC (immobilized GOD); 
t1/2 = 9.8 min at 55 
oC; t1/2 = 8.6 min at 60 
oC; t1/2 = 2.2 min at 65 
oC (native GOD) 
177 
t1/2 = 24 min at 55 
o C; t1/2 = 22 min at 60 
oC; t1/2 = 9.0 min at 65 
oC (immobilized GOD); 
t1/2 = 9.8 min at 55 
oC; t1/2 = 8.6 min at 60 
oC; t1/2 = 2.2 min at 65 
oC (native GOD) 
177 
GOD 
Pyrrole Entrapment 
Good stability 178 
o-Phenylenediamine Entrapment Good stability 179 HRP 
Pyrrole Entrapment Less than 40 % activity loss was observed after 2 weeks of storage at 4 oC. 180 
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Enzyme Coating  
precursor/polymer 
Method of  
immobilization 
Thermostability R 
A 6 % activity loss was observed after 30 days of storage at 4 oC in a drying state. 182 
A 8 % activity loss was observed after 110 days of storage at 4 oC in buffer. 183 
HRP Grafting polymer of 
poly(vinyl alcohol) and 4-
vinylpyridine; 
tetraehtylorthosilicate 
Entrapment 
A 4 % activity loss was observed after 30 days of storage at 4 oC. 184 
3-Aminopropyl-
triethoxysilane; 
methyltriethoxysilane 
Entrapment Less than 10 % activity loss after a 6 month- period of storage at 4 oC. 185 Lipase 
3-Mercaptopropyltri-
methoxysilane; 
tetraethoxysilane 
Entrapment Less than 10 % activity loss after a 6 month- period of storage at 4 oC. 185 
Lipase Tetraethoxysilane Entrapment Less than 10 % activity loss after a 6 month- period of storage at 4 oC. 185 
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Enzyme Coating  
precursor/polymer 
Method of  
immobilization 
Thermostability R 
OPH Silanol-terminated 
poly(dimethylsiloxane); 
poly(diethyl silicate); 
poly(3-amino- 
propylethoxysiloxane) 
Entrapment Less than 5% activity loss after 6 months of storage at 5 oC (dry, 100 % humidity, wet); 
Activity losses after a 6 month-storage period at 20 oC: 6±2 % (dry), 7±3 % (100 % 
humidity), 9±3 % (wet); 
Activity losses after a 6 month-storage period at 45 oC: 6±5 % (dry), 14±2 % (100 % 
humidity), 13±3 % (wet); 
189 
N (CH2)12 NEt3BF4
 
Entrapment A 28 % activity loss was observed after a 1 week storage period at 4 oC in buffer. 190 PPO 
Aniline Entrapment No significant loss of activity was observed after 8 months of storage at 4 oC. 191 
Entrapment Native enzyme: t1/2  » 0.6 hr at 75 
o C; 
Immobilized enzyme: t1/2 » 2 hrs at 75 
oC 
140 Pronase Polydimethylsiloxane 
 
Multi-point 
covalent 
incorporation 
Native enzyme: t1/2  » 0.6 hr at 75 
o C; 
Immobilized enzyme: t1/2 > 3 hrs at 75 
oC 
140 
 
  
83
Enzyme Coating  
precursor/polymer 
Method of  
immobilization 
Thermostability R 
Pronase Polydimethylsiloxane; 
Dimethyldimethoxy -
silane; 
chlorinated rubber 
Multi-point 
covalent 
incorporation 
Native enzyme: t1/2 » 0.6 hr at 75 
oC; 
Immobilized enzyme: t1/2 > 3 hrs at 75 
oC 
 
140 
SBP Grafting copolymer of 
poly(vinyl alcohol) and 
4–vinylpyridine; 
tetraethyl orthosilicate 
Entrapment No apparent activity loss was observed after 90 days of storage at 4 oC.  192 
Poly(hydroxy cellulose) Entrapment An activity loss of 2 % was observed after 3 months of storage at 4 oC in a dry state 193 
Poly(vinyl alcohol); 
poly(hydroxy cellulose) 
Entrapment An activity loss of 2 % was observed after 3 months of storage at 4 oC in a dry state. 194 
Tyrosinase
N (CH2)12 NEt3BF4
 
Entrapment 15 and 80 % activity losses were observed after 7 and 54 days of storage at 4 oC, 
respectively. 
194 
 
d: highest reported thermostability 
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Abbreviations:  
ki: inactivation constant, R: reference  
Enzyme abbreviations: 
CA: creatinine amidohydrolase, CI: creatinine amidinohydrolase, DAAO: D-amino acid oxidase, Fre: flavin reductase, GOD: 
glucose oxidase, HRP: horseradish peroxidase, LOD: lacatate oxidase, OPH: phosphotriesterase from Pseudomonas diminuta 
PPO: polyphenyl oxidase, a-CT: a-chymotrypsin, SBP: soybean peroxidase, SO: sarcosine oxidase
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2.5.1 Waterborne Two-Component (2K) Polyurethane (PU) Coatings as Support  
Waterborne polyurethane (PU) coatings result from the polymerization of 
aqueous polyester-based polyol dispersions and water dispersible aliphatic 
polyisocyanates(*). As the film is cured at room temperature, water evaporates and 
cross- linking occurs through the condensation between hydroxyl groups and isocyanate 
functionalities (Figure 10). Cross-linking provides water resistance to the coatings. 
Two-component waterborne polyurethanes are increasingly used in industrial 
applications, and they exhibit properties similar to those of solvent borne polyurethane 
coatings.(197,198,199) Waterborne polyurethane coating represents a potentially ideal 
polymeric matrix for multipoint and covalent immobilization of enzymes. Given our 
depth of understanding of monolith polyurethane-enzyme composites,(121,63) we believe 
that an enzyme added to the aqueous phase of a two-component system prior to 
polymerization can act as a monomer during coating curing. The immobilization 
process would rely on the ability of amines at the enzyme surface to react with 
isocyanate functionalities at a faster rate than hydroxyl groups on the polyol (Figure 
10). A similar approach has been used for the insertion of enzyme into hydrophobic 
acrylate polymer coatings.(200) 
 
* Polyisocyanates correspond to polymers containing multiple isocyanate functionalities 
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2.5.2 Michael Adduct-Based Coating as Support 
Michael adduct-derived latex coatings are of major interest for enzyme immobilization, 
as they exhibit interesting physical and chemical properties as well as low toxicity.(201) 
Michael adduct based-coatings result from the photocatalytical copolymerization of 
Michael adducts and commercially available di-and tri-acrylates.(201) Photocuring 
occurs at room temperature in the absence of solvent.(201) To prepare biocatalytically 
active Michael adduct based-coatings, standard immobilization procedures can be 
used.(202,203,204,205,206,207,208) For example, the coating surface can be activated by 
chemical pre-treatment or by glow-discharge, followed by covalent coupling of the 
enzyme. A more interesting strategy involves modifying the enzyme in such a way that 
it can be homogeneously inserted in the organic mixture composed of the Michael 
adducts, and the di-and tri-acrylate derivatives prior to curing.  In this approach, a  two-
step procedure is required, where the native enzyme, solely soluble in aqueous media, 
needs first to be chemically modified with an amphiphilic polymer. The polymer forms 
a protecting shell around the enzyme and protects it against potential denaturation when 
the modified enzyme is further introduced in the organic phase.(209,210,211,212) After 
curing, the enzyme remains uniformly distributed within the coatings.  
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Figure 10 Irreversible immobilization of enzyme into waterborne 2K-PU 
coatings 
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3.0 SPECIFIC AIMS 
The primary goal of this work was to incorporate enzymes into various plastics 
and study the enzyme behavior once inserted in these polymer matrices. Two different 
enzymes were used: the nerve agent-degrading enzyme, diispropylfluorophophatase 
(DFPase) and carbonic anhydrase (CA), which catalyzes the reversible hydration of 
carbon dioxide. 
Aim 1: Synthesis and characterization of biocatalytic polyurethane (PU) foams  
We postulated that enzyme would be irreversibly immobilized into PU foams, and 
would retain a high catalytic efficiency and be highly stable. 
Polyurethane (PU) foam was used as a first type of polymer support since it 
offers various advantages such as chemical resilience and structural flexibility. Given its 
relative hydrophobicity, PU-foams should facilitate the interaction between the enzyme 
and hydrophobic substrates. The covalent immobilization into polyurethane foams relies 
on the reaction of enzyme surface exposed lysines with isocyanates during the foaming 
process. The reaction between protein primary amines and isocyanate functionalities is 
highly favorable. Characterization of the foams included determination of the degree of 
immobilization of DFPase; alteration of the polymer macro-and microstructures to 
modulate diffusional limitations on catalysis; and measurement of the intrinsic catalytic 
efficiency of the bioplastics. The effects of immobilization on the enzyme structure and 
mode of  thermoinactivation were also determined. Immobilized enzyme was compared 
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to native and PEGylated enzymes, to determine the thermoinactivation of  enzyme-
polyurethanes.  
Aim 2 : Synthesis and characterization of enzyme-polymer prepared using atom 
transfer radical polymerization (ATRP) 
We hypothesized that ATRP would take place using an enzyme-based halide initiator. 
As ATRP can be performed under mild conditions in aqueous media, we believed that 
the enzyme would remain active during the polymerization. 
ATRP is a powerful technique for the synthesis of polymer with low dispersities 
and controlled molecular weight. It has been recently successfully conducted in water 
phase under mild temperature and pH. Since enzymes are usually stable under such 
conditions, it is interesting to determine whether ATRP is actually biocompatible. The 
objective was to determine whether ATRP could proceed using enzyme/initiator and 
whether the resulting bioplastics was active. CA was used as a model enzyme for the 
polymerization of styrene and acrylic based-polymers. The strategy involved the 
enzyme modification with the halide initiator prior to radical polymerization and the use 
of the resulting bio-macroinitiator for ATRP. CA-containing polymers were 
characterized by mass spectrometry and enzymatic assays.  
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Aim 3: Synthesis and characterization of enzyme-containing PU coatings 
Our hypothesis was that enzyme could be incorporated covalently and 
homogeneously into PU coating in a one-step process. The coating characteristics led us 
to believe that the resulting bioplastics would be catalytically active and stable.  
Two-component waterborne PU coatings are progressively replacing solvent 
borne PU coatings for a large range of applications. The coating curing occurs at room 
temperature and involves the reaction of hydroxyl groups on a polyol dispersion with 
isocyanates functionalitites of a water-dispersible polyisocyanate. The resulting films 
are highly crosslinked and water-resistant. Given their water-based chemistry, PU 
coatings constitute a potential matrix for enzyme immobilization. The enzyme can be 
solubilized in the polyol water dispersion. Once contacted with the polyisocyanate 
prepolymer the primary amines at the enzyme surface react with isocyanate 
functionalities at a faster rate than hydroxyl groups on the polyol. The biocompatibility 
of PU coatings was assessed with DFPase. The characterization of enzyme-containing 
coatings (ECC’s) involved the determination of degree of immobilization of DFPase; 
the distribution of immobilized enzyme within the polyurethane coatings; the effect of 
coating relative hydrophobicity on catalysis; and the estimation of the intrinsic activity 
retention using a theoretical model which combines substrate diffusion and enzymatic 
degradation within the coatings. The immobilized enzyme was concentrated at the 
coating surface to facilitate its accessibility to substrate.  
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Aim 4 : The synthesis and characterization of enzyme -containing NVF derived 
coatings 
We postulated that enzyme could be uniformly inserted into Michael adduct-based 
coatings. Since enzymes have been shown to retain activity and have enhanced stability 
in hydrophobic media, we thought that enzyme-containing coating would be active and 
highly stable.   
Michael adduct-derived latex coatings exhibit interesting physical and chemical 
properties as well as low toxicity. They are prepared by co-polymerizing 
photocatalytically Michael adducts and NVF with di-and tri-acrylates. An enzyme can 
be physically entrapped into NVF-derived coatings via a two-step process. The native 
enzyme, which is hydrophilic in nature, has first to be modified in such a way that it 
becomes soluble in the organic mixture used for casting the films. The enzyme 
encapsulation further takes place during the film curing. The application of NVF-
derived coatings to enzyme immobilization was investigated using CA. Native CA was 
immobilized into a water-soluble NVF-based polymer (EP), which was soluble in the 
organic mixture and enabled the ECC synthesis. The activity and stability of EP and 
ECC were assessed.  
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4.0 IRREVERSIBLE IMMOBILIZATION OF DFPASE IN PU POLYMERS 
4.1 Introduction 
The existence of a stockpile of organophosphorus compounds across the globe, 
along with the threat of chemical warfare, leads to the necessity to develop strategies for 
the protection of individuals. Biocatalytic decontamination of nerve agents is now a 
leading tool in this growing list of potential responses to an accidental or intentiona l 
release. Biocatalytic decontamination is particularly attractive since it constitutes an 
environmentally benign approach with high specificity and efficiency under ambient 
conditions. 
Native DFPase, which was isolated from the optic ganglion of the squid Loligo 
vulgaris, catalyzes the hydrolytic cleavage of the P-F or P-C bond from the 
organosphates sarin, tabun, soman, and cyclohexylsarin. Once hydrolyzed, these agents 
show relatively low toxicities. The recombinant DFPase has been produced at high 
yields using an Escherichia coli expression system (200 mg/l) and purified to 
homogeneity via ion metal affinity chromatography (Ni2+-IMAC). (99) The primary 
sequence contains 314 amino acids, yielding a molecular weight of 35 kDa.(99) Native 
DFPase is associated with two Ca2+ ions. ( 213) One of the calcium ions displays low-
affinity and exhibits a dissociation constant of 21±4 nM at low salt concentration, is 
present at the active site and plays an essential role in the catalytic activity.(213,214) It is 
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easily displaced by bivalent metal ions including Sr2+, Mn2+, Ni2+, Co2+, Zn2+, and 
Cd2+.(213)  The second calcium ion is high-affinity and is characterized by a dissociation 
constant lower than 5.3 nM. It is located in a solvent inaccessible region of the protein 
and serves as a stabilizer of the protein structure.(213) Depletion of the high-affinity 
calcium ion leads to the irreversible denaturation of the enzyme.(213) The enzyme 
activity is temperature- and pH-dependent with the maximal rate of reaction being 
reached at 35 oC and pH 8.(91) The kcat increases with pH and reaches a maximal value at 
pH’s ranging between 8.0 and 9.0.(91) Unlike kcat, KM is not significantly affected by pH 
over the pH range 6.0-9.0.(99) Both kcat and KM depend on the medium ionic strength, 
the maximal catalytic efficiency being reached at 500 mM NaCl.(91) A reaction 
mechanism for DFPase was described by Scharff and coworkers (Figure 11).(215) In 
proposed mechanism, His287 intially interacts with Trp244 by H-bonding, while the 
low-affinity calcium is associated with a water molecule.(215) As the substrate enters the 
active site, it displaces the water molecule bound to the calcium and disrupts the H-
bonding between His287 and Trp244.(215) One side chain of the substrate is likely to 
interact with Trp244 via non-polar forces. Simultaneously, the calcium ion polarizes the 
phosphorus atom of the substrate.(91,215) The His287 subsequently acts as a base and 
deprotonates a water molecule.(91,215) The resulting hydroxyl ion attacks the 
electrophilic phosphorus, while a polar interaction is formed between the protonated 
His287 and the negatively charged Glu 37.(91) The last step involves the product release 
and the His287 deprotonation. (215)  
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Figure 11: Model mechanism for the DFPase-catalyzed hydrolysis of DFP215 
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The immobilization of DFPase into PU foams is reported herein. Covalent and 
multi-point immobilization of DFPase into polymer matrices has been accomplished to 
enhance the catalytic stability, facilitate the biocatalyst use and maximize its reusability. 
Since alterations in foam morphology could influence the enzymatic activity retention, 
the immobilization process was performed in the presence and absence of Pluronic 
surfactants L62, P65 and F68 (from BASF). These non- ionic surfactants are copolymers 
of ethylene oxide and propylene oxide with hydroxyl termini.  As the activity of soluble 
DFPase is dependent on ionic strength, the activity of the bioplastics was investigated in 
the absence and presence of salt (NaCl). In each case, the degree to which the enzyme 
was irreversibly attached to the support was determined. The influence of mass transfer 
on the activity of enzyme-polymers, as well as the effect of non-ionic surfactants on 
modified DFPase efficiency and diffusional phenomena, were also examined. The effect 
of DFPase-polyurethane synthesis on enzyme thermostability were further explored. 
Since immobilization may prevent denaturation and unfolding of enzyme, the structural 
basis of these effects was studied. The structural mechanisms involved in protein 
thermoinactivation can be monitored with classic tools such as circular dichroism 
(CD).(216,217,218) However, CD is not suitable for use with solid and opaque monoliths 
such as PU foam. Therefore, the polyurethane reaction was mimicked by studying the 
structure and activity of DFPase which had been modified using poly (ethylene glycol)-
monoisocyanate (PEG-NCO) or poly (ethylene glycol)-diisocyanate (PEG-(NCO)2). 
Both biopolymer synthesis and DFPase PEGylation involve the reaction of surface 
amino groups with isocyanate functionalities of PEG chains. Techniques such as 
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capillary electrophoresis, electrospray mass spectrometry and matrix-assisted laser 
desorption/ionization mass spectrometry (MALDI MS) have been used to measure the 
extent of PEG modification of proteins,(219,220,221,222,223). In this study, the degree of 
modification of PEG conjugates was determined using MALDI and the CD spectra and 
kinetics of thermal deactivation of several PEG derivatives were examined. The effects 
of calcium metal ions such as calcium, cobalt, zinc, magnesium and copper on 
enzymatic activity and stability have been described many times.(224,225,226,227) Similarly, 
native DFPase properties are calcium-dependent. Therefore, the influence of calcium 
ions on the immobilized enzyme was evaluated. 
4.2 Materials and Methods  
4.2.1 Materials 
Hypol prepolymer 3000 and Pluronic surfactants (L62, P65 and F68), used in 
synthesizing protein-containing polymers, were purchased from Hampshire Chemical 
Co. (Lexington, MA) and from BASF (Parsippany, NJ), respectively. Di-
isopropylfluorophosphate (DFP), Bradford reagent, bovine serum albumin, optima 
grade hexane (99.9% pure), acetonitrile, trifluoroacetic acid (TFA), 
tris(hydroxymethyl)aminomethane (Tris), sodium chloride (NaCl), calcium chloride, 
bis-tris propane (BTP), sinapinic acid, and ethylene-glycol-bis(ß-aminoethyl ether) 
(EGTA) were purchased from Sigma-Aldrich Chemical Co. (St Louis, MO). PEG-NCO 
(Mw 5000) and PEG  (NCO)2 (Mw 3000) were obtained from Shearwater Polymers 
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Incorporation (Hunstville, AL). DFPase was received from Dr. Rüterjans, Johann 
Wolfgang Goethe-Universität, Institut für Biophysikalische Chemie, Frankfurt, 
Germany, after purification by Dr. Stefan Dierl.  
DFP is a highly toxic organophosphorus-based agent, which targets the central 
nervous system. It should be stored in a tightly closed container in a cool area (4 oC). It 
should be handled only in a fume hood and maintained cool during use. Eyeglasses, 
goggles and nitrile gloves should be worn to prevent skin and eye exposure. 
4.2.2 Methods 
4.2.2.1 Protein-Containing Polymer Synthesis. DFPase-containing polyurethane 
foams were synthesized following the procedure we have published previously.(63) All 
polymers were prepared using buffered aqueous mixtures (50 mM BTP, pH 7.5, 5 mM 
CaCl2). When studying the effects of salt on immobilized DFPase, the buffered medium 
was supplemented with NaCl (0.5 M). In the case of immobilization in presence of 
surfactant, the surfactant concentration reached a level of 1 % (w/w) in the aqueous 
media. The aqueous mixture (5 ml) was poured into a cylindrical vessel, and followed 
by the addition of enzyme (0.05-10 mg). Hypol 3000 (5 g), a prepolymer composed of a 
PEG chain functionalized by several isocyanate functionalities, was added to the 
DFPase solution, and the biphasic mixture was agitated for 30 s with a custom designed 
mixing head attached to a 2500 rpm hand held drill. After synthesis was completed, the 
foam was weighed and then allowed to dry for 14 hrs under ambient conditions and 
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weighed again. After drying, the foam may contain a residual amount of water. Since all 
foams are prepared in a similar manner, we think that the fluctuations in residual 
amount of water are non-significant. 
4.2.2.2 Activity of DFPase Polyurethanes. Soluble enzyme was assayed in a 10 ml 
reactor in the presence of DFP (3 mM). The buffered medium in use contained 5 mM 
CaCl2 and 50 mM Bis-Tris-Propane, pH 7.5. Some experiments were performed in a 
buffered solution supplemented with 0.5 M NaCl. As DFPase acts by binding and 
hydrolyzing DFP (see below), the activity was measured by following fluoride release 
with a fluoride ion electrode. 
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Immobilized enzyme was assayed in a similar manner, using blocks of DFPase-
foam cut from bulk-synthesized sample and ranging in weight from 0.08 to 0.02 g. 
Typically, the cubes were then placed in 12ml of 3mM DFP buffered solution and 
agitated by magnetic stirring. Fluoride bulk solution concentration was measured every 
20 s for 3 min.  
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In order to validate the sensor approach we also followed DFP consumption 
directly.(228) In a 10 ml reactor containing 3 mM DFP solution, samples of 0.1 ml were 
taken over time and added to 0.1 ml hexane. The biphasic mixtures were then 
equilibrated at room temperature with a constant shaking speed of 2500 rpm for 5 min 
and centrifuged to separate the organic and aqueous phases. The upper phase in each 
sample was analyzed with a Hewlett-Packard Model 5890 series II gas chromatograph 
system (Hewlett-Packard, Wilmington, DE) equipped with a Nitrogen-Phosphorus 
Detector (NDP). An Alltech EC-1 capillary column with a 30-m ´ 0.53-mm-i.d., 1.2-
mm film thickness, composed of a 100 % polydimethylsiloxane phase was used. The 
temperature was programmed from a 50 oC initial temperature with a 1.5 min initial 
time to a 190 oC final temperature with a 7 min final time, applying a ramp rate of 20 
oC/min, and leading to a total elapsed run time of 15.5 min. The injector and detector 
temperatures were held constant at 250 and 300 oC, respectively. Runs were performed 
using 0.5ml injection volumes, air and hydrogen gas flow rates of 100 and 3 ml/min, 
respectively, and a 21 pA baseline offset. Helium was used as both the carrier and 
makeup gas, with carrier and makeup gas flow rates of 11 and 19 ml/min, respectively. 
4.2.2.3 Product and Substrate Partitioning. The product and substrate partitioning 
between the foam and the bulk solution need to be evaluated in order to determine the 
activity retention associated with the immobilization process and the kinetic 
characteristics of DFPase-containing bioplastics. Since the use of surfactants during the 
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bioplastic synthesis affects the structure and properties of polyurethanes, it is necessary 
to assess the dependence of partition coefficients on foam formulations. 
The fluoride ion partitioning was estimated by following the enzymatic activity 
of soluble DFPase in the absence and the presence of foam blocks not containing 
enzyme. Additionally, various buffered solutions (50 mM bis-tris-propane, 5 mM 
CaCl2, pH 7.5) of fluoride ion at both high and low salt concentrations (0.5 M NaCl) 
were prepared and examined with a fluoride ion electrode. Blank foam samples were 
then inserted into the fluoride ion solutions, and after 20 min of magnetic stirring at 
room temperature, the fluoride ion concentrations were re-measured. To determine the 
substrate partition coefficients (
[ ]
[ ] foam
aqueous
DFP
DFP
), blank foam blocks were added to 
buffered solutions containing various DFP concentrations, and the resulting biphasic 
systems were magnetically agitated for a 20 min period. Samples of the final solutions 
were then used to assay the activities of fixed soluble DFPase amounts. Knowing the 
kinetic constants of native DFPase, the residual DFP concentrations were calculated and 
compared to the substrate concentrations obtained by following the same procedure in 
absence of foam blocks. 
4.2.2.4 Determination of Kinetic Constants. The Michaelis-Menten Equation was 
applied as a kinetic model, and the kinetic constants for both soluble and immobilized 
DFPase were calculated us ing non- linear regression analysis and the algorithm of 
Marquardt-Levenberg (SigmaPlot Version 2.0). The observed reaction rates and 
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substrate concentrations were corrected using the substrate and product partitioning 
coefficients measured as described above.   
4.2.2.5 Protein Concentration Determination. Protein concentrations were evaluated 
using the Bradford reagent.(229,230) The addition of the dye to protein solutions at room 
temperature resulted in the formation of a dye-protein complex within 15 min, with an 
absorption maximum at 596 nm. A calibration curve with an extinction coefficient of 
0.0341 ml/(mg.cm) was obtained for protein concentrations ranging from 1 to 10 mg/ml. 
4.2.2.6 PEGylation of DFPase. PEG-NCO was added at room temperature to a 
buffered solution (10 mM Tris, 5 mM CaCl2, pH 7.5) containing DFPase (8 mg/ml), 
using a 1/100 protein to PEG-NCO molar ratio. The mixture was agitated vigorously for 
10min by magnetic stirring. The PEG-modification involved the same reaction as those 
described for the synthesis of DFPase-containing polymer. Unreacted PEG-amine was 
separated from the modified enzyme by dialysis overnight at 6 oC against buffered 
medium (10 mM Tris-HCl, 5 mM CaCl2, pH 7.5) using a 15 kD dialysis membrane. 
Conjugates of DFPase and PEG (NCO)2 were prepared in a similar manner using 
protein to PEG- (NCO)2 molar ratios of 1/20, 1/50 and 1/1000. 
4.2.2.7 Characterization of DFPase Modification. MALDI-MS analyses were 
performed with a Perseptive Biosystems Voyager elite MALDI-TOF. The acceleration 
voltage was set to 20 kV in a linear mode. 1 ml of PEGylated enzyme solution (1-2 
mg/ml) was mixed with 10 ml of matrix solution (0.4 ml water, 0.3 ml acetonitrile, 1 ml 
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TFA and 16 mg sinapinic acid), and 2 ml of the final solution was spotted on the plate 
target. Spectra were recorded after evaporation of the solvent mixture, and were 
calibrated externally with protonated ion monomer and dimer of BSA. 
4.2.2.8 Preparation of apo-DFPase. DFPase (2 mg/ml) was incubated 1 hr at 6 oC in a 
buffered solution (50 mM BTP, 0.5 M NaCl, pH 7.5) containing 30 mM EGTA. EGTA-
calcium complexes and unreacted EGTA were then removed by dialysis overnight 
against buffered medium (10 mM Tris-HCl, pH 7.5). 
4.2.2.9 Thermostability of Native DFPase. DFPase was added to a buffered medium 
(50 mM BTP, 0.5 M NaCl, pH 7.5) containing a range of calcium concentrations (1, 5, 
50 or 100 mM) and incubated at 50 or 65 oC. The activity of DFPase was followed over 
time at room temperature in buffered media (50 mM BTP, 5 mM CaCl2, pH 7.5) as 
described above. The thermoinactivation of enzyme at 6 oC was determined in a similar 
manner with a 5 mM calcium concentration. To enable a direct comparison of results 
for the thermal deactivation of native and immobilized DFPase, a range of native 
enzyme concentration varying from 0.03 to 0.05 mg/ml was used. 
4.2.2.10 Thermostability of Native DFPase in Presence of PEG-Amine. To 
ensure the full conversion of isocyanates into amines PEG-NCO was mixed vigorously 
with water at room temperature for 2hrs. The PEG-amine solution (10% w/v) was then 
added to buffered medium (50mM BTP, 0.5M NaCl, 5mM CaCl2, pH 7.5) and 
preheated at 65oC. The thermoinactivation of native enzyme was followed as described 
previously. 
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4.2.2.11 Thermostability of PEG-Modified DFPase. The thermoinactivation of 
PEG-DFPase was measured at 65 oC in the presence of calcium chloride (5 mM) as 
described for native DFPase. 
4.2.2.12 Thermostability of Immobilized DFPase. Bioplastic samples (0.1 g) 
were cut in small pieces and added to buffer (50 mM BTP, 0.5 M NaCl, pH 7.5) 
supplemented with calcium chloride (1, 5 or 50 mM) and incubated at 50 or 65 oC. 
Samples were removed over time, and assayed for enzymatic activity at room 
temperature in buffered media (50 mM BTP, 5 mM CaCl2, pH 7.5) as described above. 
The same procedure was followed for thermal deactivation in the presence of EGTA 
(30 mM), in the presence of a 5 mM calcium concentration at both 6 oC and at 65 oC 
and in the presence of PEG-amine (10 % w/v). 
4.2.2.13 CD Spectroscopy. CD spectra were recorded at 25 oC with an Aviv 
model 202CD spectrometer using quartz cells of 1-mm path length. Spectra were 
collected for protein (0.3 mg/ml) in buffer (10 mM Tris-HCl, pH 7.5). Each spectrum 
was accumulated from ten scans between 195 and 300 nm and was corrected for 
residual protein concentration from the A270 value. During thermal deactivation 
experiments, the relative ellipticity represented the ratio of signal values for deactivated 
and non-deactivated enzyme. The secondary structure of DFPase was determined using 
the Lincomb program and the data set yang.dat 231. 
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4.3 Results and Discussion  
4.3.1 Reversibility of DFPase Attachment 
The extent to which DFPase is irreversibly (covalently) attached to the polymer 
was determined using the Bradford reagent. Foam blocks cut from DFPase-containing 
polymers with a protein content of approximately 0.3 % (by weight) were extensively 
rinsed with distilled water. Less than 1 % (w/w) of the protein amount present within 
the blocks was detected in the rinsates, indicating that the immobilization efficiency 
approached 100 %. 
4.3.2 Substrate and Product Partitioning 
The enzymatic activity of soluble DFPase was not influenced by the presence of 
blank foams. The product (fluoride ions) partition coefficient was determined to be 1, 
and was independent of the type of polyurethane polymer formulation. 
DFP is hydrophobic enough to become concentrated in the foam, with an 
equilibrium partitioning coefficient of 1.3 (Table 3). In the presence of salt in the 
aqueous media, the use of surfactant L62 further accentuates this partition, increasing 
the partition coefficient to 1.5. 
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4.3.3 Activity in Absence of Surfactant 
To assess the enzyme dispersion within the polyurethane, the different regions 
of DFPase-containing polymer were assayed for enzymatic activity. The activity did not 
fluctuate significantly from one region to another, implying that DFPase was 
homogeneously distributed in the foam. 
As shown in Figure 12, the effect of enzyme concentration on DFPase 
polyurethane activity is non- linear, with saturation occurring above 0.5 mgDFPase/gfoam. 
Below approximately 0.1 mgDFPase/gfoam, the enzymatic activity is directly proportional 
to enzyme loading. To further investigate DFPase-polyurethane polymer properties we 
determined the DFPase concentration dependence of apparent KM and kcat for polymers 
containing 0.02 to 0.64 mg/gfoam (Table 4, Experiments 3 and 4). A 6-fold increase in 
enzyme loading provoked a consequent decrease in apparent kcat, coupled with an 
increase in the apparent KM, which are a strong indication of the presence of diffusional 
limitations. We further investigated mass transfer limitations by determining the effect 
of particle size on activity and kinetics. The polyurethane blocks were ground into 
particles with a diameter ranging from 0.1 to 0.3 mm, and apparent KM and kcat were 
measured once again for particles containing 0.02 to 0.64 mg/gfoam. Experiments 5 and 6 
(Table 4) demonstrate that for the small particles neither apparent KM, nor kcat, were 
sharply dependent on DFPase concentration in the polymer. Clearly, it indicates that the 
activities of the polyurethanes at high enzyme loading were limited by internal 
diffusion. At low DFPase loading the direct proportionality between apparent activity 
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and enzyme concentration implied the absence of mass transfer limitations. 
Additionally, at low loading we observed that the activities for block foams and crushed 
foams were identical, and that no change in the kinetic constants was found by varying 
the agitation type and speed. Therefore, we concluded that polyurethanes with low 
enzyme loading were not diffusionally limited 
4.3.4 Activity with Surfactants. 
Bioplastics synthesized in the presence of non- ionic surfactants L62, P65 and F68 
display greater apparent activity retention than those prepared without surfactant 
(Figure 13). L62-containing polyurethanes displayed the highest activity retention, and 
in this case, an increase in enzyme loading from 0.02 and 1.66 mg/gfoam resulted in only 
a 4-fold decrease in catalytic efficiency (the degree to which rate is reduced relative to 
that predicted from solution kinetics) (Table 4, Experiments 7 and 8). Clearly, there are 
less severe diffusional limitations in the presence of the surfactant.  
We investigated the role of external mass transfer by measuring the agitation 
dependence of the kinetic constants (Table 4, Experiments 9, 10 and 11). As expected, 
the KM and kcat values do not significantly vary with agitation speed. Moreover, they are 
similar to those obtained using magnetic stirring at a 0.02 mg/gfoam immobilized DFPase 
loading (Table 4, Experiments 3, 4 and 7). 
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Table 3 
DFP partitioning into bioplastics 
 
 
 Surfactant Degree of Swellability 
(DS) 
DFP Partitioning Coefficient 
(PC) 
Salt - 5.9 1.3 ± 0.4 
Salt L62 10.5 1.5 ± 0.3 
No salt - 6.2 1.3 ± 0.3 
No salt L62 11.4 1.3 ± 0.2 
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Figure 12 Effect of DFPase concentration on DFPase-containing polymer 
efficiency  
Enzymatic activity measured using NPD-GC (opened circles) and fluoride sensor (closed 
circles). The activity of the bioplastic is reported at a 3 mM DFP concentration. 
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Table 4 
Kinetic parameters for DFPase-containing polymers and soluble DFPase 
 
 
 
Exp. Salt  
loading 
(M) 
Surfactant 
Agitation 
(rpm) 
DFPase 
concentration 
(mg/gfoam) 
Apparent  
KM 
(mM) 
Apparent  
kcat,app. 
(s-1) 
Apparent  
kcat/KM 
(s
-1
mM
-1
) 
1a 0.5 - magnetic - 0.53  ± 0.04 219  ± 5 413  ± 41 
2a - - magnetic - 0.79  ± 0.02 232  ± 2 294  ± 10 
3 0.5 - magnetic 0.02 1.2 ± 0.1 49 ± 3 41 ± 6 
4 0.5 - magnetic 0.64 2.9 ± 0.4 14 ± 1 5± 1 
5c 0.5 - magnetic 0.02 0.7 ± 0.1 46± 4 66 ± 15 
6d 0.5 - magnetic 0.64 1.1 ± 0.1 43 ± 2 39 ± 5 
7 0.5 L62 magnetic 0.02 0.46 ± 0.04 113 ± 3 249 ± 28 
8 0.5 L62 magnetic 1.66  1.6 ± 0.2 83 ± 3 52 ± 8 
9 0.5 L62 mechanic 
600 
0.03 0.30 ± 0.06 87 ± 3 290 ± 68 
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Exp. Salt  
loading 
(M) 
Surfactant 
Agitation 
(rpm) 
DFPase 
concentration 
(mg/gfoam) 
Apparent  
KM 
(mM) 
Apparent  
kcat,app. 
(s-1) 
Apparent  
kcat/KM 
(s
-1
mM
-1
) 
10 0.5 L62 mechanic 
800 
0.03 0.34 ± 0.05 103 ± 4 303 ± 56 
11 0.5 L62 mechanic 
1000 
0.03 0.36  ± 0.04 94 ± 3 261 ± 37 
12e - - magnetic 0.04 1.6 ± 0.2 54 ± 3 34 ± 6 
13f - - magnetic 1.27 1.3 ± 0.2 45 ± 3 35  ± 8 
 
a,b: native DFPase  
c,d,e,f: polyurethane blocks ground into particles 
The errors on specific constants were calculated as follows: 
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4.3.5 Effect of Surfactant on Polymer Morphology 
Our interest in the underlying reasons for why the activity of the L62-containing 
materials were less dependent on loading led us to study the morphological effects of 
the surfactant with electron microscopy (Figure 14). Depending on the type of 
surfactant used, polyurethane foams display both macro- and microporosity.(121,232) The 
use of L62 resulted in a significant enlargement of the micropores (Figure 14 a and c) 
and also changed the surface contours within the micropores (Figure 14b and d). The 
increased micropore diameter may therefore explain the reduction in mass transfer 
limitation, by facilitating the substrate and product diffusion within the foam. 
4.3.6  Effect of Salt removal on Enzyme Activity 
Soluble DFPase promotes a turnover number of 232±2 s-1 and a KM of 0.79± 0.02 mM 
in buffered media (50 mM bis-tris-propane, 5 mM CaCl2) at pH 7.5, under ambient 
conditions (Table 4, Experiment 2). Given the known effect of salt on the activity of 
soluble DFPase, we investigated the effect of salt (0.5 M NaCl) on activity retention and 
transport effects in the biopolyurethane.  
The loading dependence of activity, and its elimination upon crushing, is not 
affected by the additional of salt (Figure 15; Table 4, Experiments 12 and 13). Once 
again, the addition of L62 during synthesis considerably reduces the diffusional 
limitations as shown by the increase in apparent activity. 
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Figure 13 Effect of surfactant on DFPase-polymer efficiency  
Foams were synthesized without surfactant (closed circles), and containing P65 (closed squares), F68 
(closed triangles), and L62 (closed diamond) in buffered solutions (50 mM bis -tris -propane, 5 mM CaCl2, 
0.5 M NaCl) at pH 7.5. The activity of the bioplastic is reported at a 3 mM DFP concentration. 
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Figure 14 Scanning electron micrographs of polymers prepared without 
surfactant (a and b) and with L62 (c and d) 
a 
c 
b 
d 
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Since the DFPase-containing polymers were under kinetic control at low 
loading, their intrinsic kinetic characteristics were evaluated. The retention of 67 % 
activity under these conditions is characteristic of other multi-point immobilization 
techniques.(121,233,234,63) At high enzyme loading, recovery of the activity predicted from 
the intrinsic kinetic data could only be achieved after crushing.  
4.3.7 Thermoinactivation of Native DFPase 
As shown in Table 5, native DFPase is highly stable at 6 oC with no loss of 
activity after 41 weeks of incubation. At a temperature of 50 oC, the enzyme is still 
highly stable with a half- life of 3.4 days. This compares very well to other agentases 
such as phosphotriesterase (half life of 1.5 hr at 50 oC) and organophosphorus acid 
anhydrolase (half life of 100 min at 37 oC).(235) DFPase temperature-induced 
inactivation begins to be a concern at temperatures above 60 oC, where the half- life 
drops precipitously to approximately 6 min (at 65 oC) (Table 5). Addition of PEG (10 % 
w/v) to the incubation medium did not affect the stability of enzyme at 65 oC (data not 
shown). To determine whether DFPase thermoinactivation is due to unfolding, the 
enzyme deactivation was monitored at 65 oC using CD (Figure 16). As can be seen, the 
ellipticity value at 208 nm drastically decreased as the remaining enzymatic activity 
decreased, but the overall shape of the spectrum remained roughly constant with a 
minimum at 208 nm. As implied by the clear changes in the intensity of CD spectrum 
during thermoinactivation, the major mechanism involved in the thermoinactivation of 
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Figure 15 Effect of DFPase loading on DFPase-containing polyurethane 
efficiency in the absence of salt  
Foams not containing surfactant (open triangles) and containing L62 (closed triangles) in 
buffered solutions (50 mM bis -tris -propane, 5 mM CaCl2) at pH 7.5. The activity of the bioplastic is 
reported at a 3 mM DFP concentration. 
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 DFPase at 65 oC is likely to result from a rapid unfolding of the enzyme and a 
reduction in b-sheet content (Figure 16). 
4.3.8 Thermostability of DFPase-Containing Polyurethane  
DFPase-containing polyurethanes present an opportunity to investigate whether 
the multi-point covalent attachment strategy we employed will indeed stabilize the 
protein. Our hope was that we would essentially lock the enzyme in an active 
conformation once polymerized, thereby increasing activity retention at elevated 
temperatures.  In Table 6 it is clear that the strategy we followed is successful, to a 
point.  The DFPase-containing polyurethane did not significantly deactivate after 41 
weeks of incubation at 6 oC. Immobilized DFPase exhibited a higher stability at 50 oC 
than at 65 oC. At both temperatures, the thermoinactivation followed a non-first order 
profile characterized by a rapid deactivation phase followed by a remarkably stable 
phase (Table 6). After 45 min of incubation at 65 oC, immobilized DFPase retained 
approximately 10 % of its initial activity for more than 380 min, while the soluble 
DFPase was totally deactivated. It is possible that immobilized protein is hyperstable, 
but the initial loss of activity is a result of leaching of non-immobilized protein. No 
protein was detected in the incubation media after incubating samples of bioplastic 
prepared with a 1.6 mg/gfoam enzyme loading for 1 hr at 65 oC. Therefore detachment of 
enzyme from the polyurethane was not responsible for the biphasic behavior. The 
immobilization- induced transition from first order to biphasic inactivation kinetics has 
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Table 5 
Kinetic parameters for thermoinactivation of native DFPase 
 
 
Temperature 
(oC) 
[Ca2+] 
(mM) 
Half- life 
 
k1 
 
Time to 93 % 
inactivation 
65 - <0 min - - 
65 1 1 min 0.63±0.05 min-1 4 min 
65 5 6 min 0.117±0.004 min-1 23 min 
65 50 16 min 0.043±0.003 min-1 62 min 
65 100 18 min 0.039±0.001 min-1 68 min 
50 5 3.4 day 0.202±0.008 day-1 13 day 
6 5 > 41 week - - 
Deactivation of native DFPase was conducted in buffered solution (50 mM BTP, 0.5 M NaCl, 
pH 7.5). The remaining enzymatic activity was measured over time at room temperature in buffered 
media (50 mM BTP, 0.5 M NaCl, 5 mM CaCl2, pH 7.5) using DFP (3 mM) as a substrate. The kinetic 
constant, k1, was determined using a first order deactivation model: 
)tkexp(aa;EE d 10 -=®   
  
118 
Wavelength, nm
180 200 220 240 260 280 300 320
[q
], 
de
g.
cm
2 .
dm
ol
-1
-7000
-6000
-5000
-4000
-3000
-2000
-1000
0
1000
 
 
 
Figure 16 Conformation of native DFPase at various remaining enzymatic 
activities during thermoinactivation  
The experiment was performed at 65 oC in buffer (10 mM Tris -HCl, pH 7.5) supplemented with 
50 mM CaCl2. CD spectra were recorded in 0.1-mm quartz cell at 25 
o C for native DFPase (solid line), 38 
% deactivated DFPase (dash-dot-dot line), 64 % deactivated DFPase (dotted line), 90 % deactivated 
DFPase (long dash line), 93 % deactivated DFPase (short dash line). 
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 been observed previously, but never explained.  For example, the immobilization of b-
amylase on both organic and inorganic supports resulted in a transition from mono- to 
biphasic inactivation kinetics.(236) For amylase inactivation, the authors suggest that the 
enzyme denatures via a partially active intermediate, and given that this approach fits 
our data well we report equivalent results in Table 6. The model assumes the scheme 
described in the section 1.1.2.1:(5,237) 
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For the data presented herein, E would have stability similar to the native enzyme 
(with somewhat reduced activity) and E1 would be 23 % activity but hyperstable. The 
enzymatic activity (a) is expressed as follows: 
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Where t is the time of thermoinactivation. Table 4 presents the fit of the data to 
the above equation.  
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The thermostability of bioplastics was not affected by the presence of PEG (10 % 
w/v), as observed for native DFPase (data not shown). 
4.3.9 Effect of Calcium on the Thermostability of Native and Immobilized 
DFPase 
Calcium ions form a complex with native DFPase. Since the bioplastics 
synthesis may alter the binding of calcium to the enzyme, we measured the impact of 
calcium ion concentration on activity and stability.  
First, we explored the effect of calcium on the conformation of the native 
enzyme in the presence or absence of the strong chelator EGTA, using CD (Table 7). 
The secondary structure of native enzyme varied slightly with the calcium 
concentration. Addition of EGTA (1 mM) resulted in a significant decrease in the a-
helix and b-turn content along with an increase in the proportion of b-sheet. Clearly 
removal of the calcium ions significantly alters secondary structure. A 20 % loss of 
activity was recorded during the treatment of DFPase with EGTA. As shown in Table 5, 
the thermostability of native DFPase was also affected by the free calcium 
concentration. The enzyme half- life at 65 oC increased from 1 min in calcium chloride 
(1 mM) to 16 min at 50 mM. DFPase treated with EGTA had no activity when placed in 
buffer at 65 oC. After re-introduction of calcium ions, the original thermostability of 
DFPase was regenerated. Native DFPase denatured upon heating, the thermostability 
being dependent on the free calcium concentration. Similar results have been found for
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Table 6  
Kinetic parameters for thermoinactivation of PEG-modified and immobilized DFPase 
 
 
System 
T 
(oC) 
[Ca2+]  
(mM) 
t1/2 a1 a2 k1 k2 
93 %  
inactivation 
PEG-DFPase 
r=1/100; PEG-NCO 
65 5 2 min 0.47±0.03 0.018±0.003 0.8±0.1 min-1 0.100±0.007 min -1 23 min 
PEG-DFPase 
r=1/20; PEG-(NCO)2 
65 5 6 min 0.30±0.06 0 0.21±0.04 min-1 0.029±0.006 min -1 55 min 
PEG-DFPase 
r=1/1000; PEG-(NCO)2 
65 5 3 min 0.28±0.02 0.020±0.002 0.37±0.02 min-1 0.042±0.003 min -1 42 min 
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System 
T 
(oC) 
[Ca2+]  
(mM) 
t1/2 a1 a2 k1 k2 
93 %  
inactivation 
Immobilized DFPase 65 5 1 min 0.23±0.02 0.071±0.005 0.91±0.05 min-1 0.041±0.009 min -1 311 min 
Immobilized DFPase 65 50 2 min 0.40±0.02 0.095±0.009 1.0±0.1 min-1 0.019±0.003 min -1 - 
Immobilized DFPase 50 5 0.5 day 0.60±0.02 0.07±0.02 122±3 day-1 0.45±0.07 day-1 33 days 
Immobilized DFPase 6 5 
>41 
week 
- - - - - 
Immobilized PEG - 
DFPase 
r=1/100; PEG-NCO 
65 5 3 min 0.24±0.02 0.013±0.003 0.36±0.03 min-1 0.024±0.003 min -1 60 min 
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System 
T 
(oC) 
[Ca2+]  
(mM) 
t1/2 a1 a2 k1 k2 
93 %  
inactivation 
Immobilized PEG-
DFPase 
r=1/20; PEG  (NCO)2 
65 5 
 
2 min 0.23±0.02 0.015±0.002 0.23±0.01 min-1 0.022±0.002 min -1 66 min 
r represents the molar ratio between PEG-isocyanate and DFPase during the PEGylation. Deactivation of PEGylated and immobilized DFPase was 
conducted in buffered solution (50 mM BTP, 0.5 M NaCl, 5 mM Cacl2, pH 7.5). The remaining enzymatic activity was measured over time at room 
temperature in buffered media (50 mM BTP, 0.5 M NaCl, 5 mM CaCl2, pH 7.5) using DFP (3  mM) as a substrate. The biphasic behavior was described with a 
four parameter model, and the kinetic constants a1, a2, k1 and k2, were determined using the algorithm of Marquardt-Levenberg (SigmaPlot Version 2.0). 
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a subsequent number of other metalloenzymes.(238,239) For proteinases, changing the 
added calcium concentration may also affect the period of occupancy of metal-binding 
site and thus modify the stability of enzyme.(240,241,242)  
Deactivation at 65 oC in the absence or presence of calcium (50 mM) resulted in 
changes in secondary structure as determined by CD. Decreases in the ellipticity values 
at 208 nm were similar over two different time scales (Figure 16, Figure 17). Clearly, 
calcium ions help maintain the enzyme conformation and prevent denaturation upon 
heating. 
The removal of calcium ions from the enzyme prior to immobilization lead to inactive 
bioplastics in buffer at 65 oC, as observed with soluble enzyme. When incubated in the 
presence of EGTA at 65 oC, immobilized DFPase fully deactivated within 6 min. 
Therefore, the fast phase of thermoinactivation ( 1EE ® ) is calcium-dependent. 
Bioplastics were also deactivated for a 200 min period in the presence of calcium, and 
further treated with EGTA at 65 oC. EGTA destabilized the deactivated enzyme, which 
lost its residual activity in ~110 min. Thus, the second phase of thermoinactivation 
( 21 EE ® ) for immobilized DFPase is also calcium-dependent. Increasing the free 
calcium concentration in the incubation medium from 5 to 50mM slightly affected the 
thermoinactivation of immobilized DFPase at 65 oC (Table 7). The stabilization of 
DFPase in polyurethanes is not derived from removing the necessity for calcium 
binding.  
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Table 7  
Secondary structure of native and modified DFPase in the presence of EGTA and 
different free calcium concentrations  
 
 
Composition (%) System [Ca2+]added  
(mM) 
[EGTA] 
(mM) a-helix b-
sheet 
b-turn Random 
Native DFPase - - 6.7 45.3 18.9 29.0 
Native DFPase 1 - 7.8 43.2 19.8 29.3 
Native DFPase 5 - 10.8 38.9 22.8 27.5 
Native DFPase 50 - 7.5 45.0 18.3 29.2 
Native DFPase - 1 2.7 53.4 12.5 31.4 
PEG-DFPase 
PEG-NCO; 
r=1/100* 
50 - 9.3 43.3 19.8 27.7 
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Composition (%) System [Ca2+]added  
(mM) 
[EGTA] 
(mM) a-helix b-
sheet 
b-turn Random 
PEG-DFPase 
PEG-(NCO)2; 
r=1/1000* 
50 - 20.4 27.6 40.5 11.6 
 
r represents the molar ratio between PEG-isocyanate and DFPase during the PEGylation. The 
conformation of enzyme was monitored at 25 oC by CD. Each spectrum was averaged from ten scans 
between 300 and 195 nm. The composition of secondary structure was determined using the Lincomb 
program and the data set yang.dat. 
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Figure 17 Effect of calcium on DFPase secondary structure  
Relative CD signal at the minimum ellipticity during thermoinactivation was studied in the 
absence (closed diamonds) and presence of added calcium (50 mM) (closed squares) for native enzyme, 
PEG-DFPase (protein to PEG-NCO molar ratio 1/100 (closed circles)) and PEG-DFPase (protein to PEG- 
(NCO)2 molar ratio 1/1000 (closed triangles)) in the presence of added calcium (50 mM) at 65 
oC. The 
CD spectra were recorded at 25 oC for various remaining enzymatic activities. 
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4.3.10 Thermostability of PEG-Modified DFPase 
DFPase was chemically modified via a non-specific reaction of polyethylene 
glycol- isocyanate (PEG-NCO or PEG-(NCO)2) with the Lysine residues on the protein 
surface. DFPase contains 24 theoretically modifiable residues. Figure 18 is a MALDI 
spectrum of the PEG-DFPase obtained from a 1/100 DFPase to PEG-NCO mole ratio 
during synthesis. The peaks are labeled with the corresponding number of PEG chains 
attached to the enzyme, and the difference between two subsequent peaks is 
approximately 5000, which is the average molecular weight of the PEG used. The 
degree of PEG-modification was 100 % (No native protein remains) with two to seven 
PEG chains attached per molecule of enzyme. The width and overlap of peaks is 
explained by the polydispersity of PEG chains. Examples of proteins highly modified 
with polymer chains via their e-amino groups have been previously reported in the 
literature. The degree of modification of DFPase is represented in Figure 19, which also 
gives the effect of PEG-isocyanate to enzyme molar ratio on modification efficiency. 
When using PEG-NCO2, DFPase was surrounded by up to 14 PEG chains. This greater 
extent of PEGylation could also be explained by the ability of PEG–(NCO)2 to react 
with both the enzyme and another PEG chain. We were unable to characterize the 
conjugates obtained with a 1/1000 enzyme to PEG-(NCO)2 ratio since the high PEG 
content appeared to prevent the ionization of modified DFPase in the MALDI 
instrument.  
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Unlike native DFPase, PEGylated enzyme displayed a biphasic 
thermoinactivation profile at 65 oC. After a first phase of fast deactivation, the 
remaining activity was significantly stabilized by a high extent of modification (Table 
6). The thermoinactivation patterns followed the two-step deactivation model proposed 
earlier. Table 6 contains a compilation of the kinetic parameters calculated for the PEG-
DFPase at various protein to PEG ratios. By increasing the protein to PEG-(NCO)2 
molar ratio from 1/20 to 1/1000, the extent of PEG modification increased and PEG-
DFPase showed higher thermostability after the first phase of fast deactivation with a 
profile identical to that observed for immobilized DFPase. By increasing the protein to 
PEG-(NCO)2 molar ratio, k1, the relative activity of final enzyme state a2 and k2 all 
increased, while the relative activity of intermediate enzyme state a1 slightly decreased.  
The secondary structure of PEG-DFPase (1/100) appears identical to that of native 
DFPase (Table 8). The far-UV CD spectrum of PEG-DFPase possessed a minimum 
ellipticity value at 210 nm instead of 208 nm for the native enzyme. As the PEG-
modified DFPase was irreversibly deactivated upon heating at 65 oC, the strength of CD 
signal at the minimum ellipticity value increased significantly (Figure 17). Interestingly, 
this is the complete reverse of the observations made with native enzyme. When using 
PEG-(NCO)2 (1/1000), DFPase was modified to a higher extent and its secondary 
structure was significantly altered (Table 8). Mabrouk reported similar observations for 
equine cyotochrome C.(243) For deactivation at 65 oC, the CD signal for the relative 
minimum ellipticity increased linearly (Figure 17). 
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Figure 18 MALDI spectra of PEG-DFPase prepared with a 1/100 protein to 
PEG-NCO molar ratio 
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Figure 19 PEGylation of DFPase  
The extent of PEG-modification was obtained with a 1/100 protein to PEG-NCO molar ratio 
( ), a 1/20 protein to PEG-(NCO)2 molar ratio ( ) and a 1/50 protein to PEG-(NCO)2 molar 
ratio ( ). 
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Table 8 
 Secondary structure of native and modified DFPase during denaturation at 65 oC 
 
 
Composition (%) System [Ca2+] 
(mM) 
Activity 
loss (%) a-helix  b-sheet  b-turn  Random 
coil 
0 6.7 45.3 18.9 29.0 
20 5.9 44.8 17.4 31.9 
30 5.2 42.6 19.8 32.5 
Native DFPase 0 
60 4.6 41.0 21.2 33.2 
0 7.5 45.0 18.3 29.2 
38 6.7 44.6 22.7 26.0 
Native DFPase 50 
64 7.5 32.8 35.2 24.5 
0 9.3 43.3 19.8 27.7 
17.6 8.5 46.4 13.1 32.1 
PEG- DFPase 
(PEG-NCO ; r=1/100) 
50 
43.7 6.3 47.1 7.9 38.6 
0 20.4 27.6 40.5 11.6 
37.1 19.3 43.4 33.8 3.5 
PEG- DFPase 
(PEG-(NCO)2 ; 
50 
65.4 12.4 52.5 15.2 20.0 
r represents the molar ratio between PEG-isocyanate and DFPase during the PEGylation. The 
conformation of enzyme was monitored at 25 oC by CD spectroscopy in buffered media (10 mM Tris, pH 
7.5). Each spectrum was averaged from ten scans between 300 and 195 nm. The composition of 
secondary structure was determined using Lincomb program and the data set yang.dat.  
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4.3.11  Structural Basis for Deactivation 
The PEGylation and immobilization of DFPase both involve the reaction 
between amino-groups on the protein surface and isocyanate functionalities on the 
PEG-based polymer. Indeed, the only difference is the number of isocyanate per chain. 
When using PEG-(NCO)2, PEG can self polymerize after attachment to the protein, 
mimicking closely the immobilization, but yielding a non-crosslinked soluble product. 
The length of polymer branches attached to the enzyme surface increased with the 
protein to PEG ratio during the modification process. PEG–DFPase, as a model for 
DFPase-polyurethane, is useful because we can study the inactivation of the protein, 
determine whether it mirrors that of native or immobilized enzyme, and then most 
importantly study the spectroscopic changes which are associated with the activity loss. 
Once again, in order to perform experiments on a reasonable time scale we used an 
elevated temperature of 65 oC to inactivate the enzyme. Table 8 shows the composition 
of secondary structure for native DFPase during deactivation in the presence or absence 
of added calcium. In the absence of added calcium, a 30 % activity loss lead to a small 
decrease in b-sheet to b-turn ratio (2.4 to 2.2) and little change in the a-helix to b-sheet 
ratio (0.2 to 0.1). In the presence of 50 mM calcium, the b-sheet to b-turn ratio 
decreased from 2.5 to 2.0 for a 60 % active enzyme. The same activity reduction did not 
change the a-helix to b-sheet ratio (0.2 to 0.2). Interestingly, the same level of activity 
loss (40 %) for PEG-DFPase (1/1000) in the presence of calcium (50 mM) exhibited a 
3.1-fold increase in the b-sheet to b-turn ratio and a 0.5-fold decrease in the a-helix to 
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b-sheet ratio (Table 8). By extrapolation, a 40 % activity loss for PEG-DFPase (1/100) 
in the presence of calcium (50 mM) would result in a 2.2-fold increase in the b-sheet to 
b-turn ratio and a 0.6-fold decrease in the a-helix to b-sheet ratio (Table 8). As the 
PEGylated enzyme inactivates the structure changes significantly, and most importantly 
in a way which is different than the native enzyme. The study shows that the modified 
enzyme increases the amount of b-sheet in the hyperstable form of the protein. 
4.4 CONCLUSION 
Covalent incorporation of DFPase into polyurethane foams has been performed in 
a single step protein-polymer synthesis using a foamable prepolymer (Hypol 3000). The 
results show that the activity of DFPase-containing bioplastics is limited by internal 
diffusion. The addition of non- ionic Pluronic surfactants during the immobilization 
process changes the foam macro- and microstructure, leading to an enhancement of 
apparent and intrinsic catalytic efficiency. When synthesized with L62, the efficiency of 
DFPase-foam was 67 % of that of the soluble enzyme.  
Native DFPase inactivates as a result of conformational changes. DFPase–
containing  polyurethanes lose 90 % of their activity quickly, but then become hyper-
stable at elevated temperature. The stabilization is not a result of altered interactions 
between the enzyme and bound metal ions. The known propensity for multi-point 
covalent incorporation of proteins into a growing polymer chain to prevent protein 
unfolding, led to a study of the effect of PEGylation and immobilization on protein 
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stability. PEGylation results in a noticeable change in secondary structure, reducing the 
level of randomness and enhancing the amount of ordered structure. This compact active 
form of the enzyme now undergoes a two-stage inactivation. As is the case for DFPase– 
polyurethanes, the partially active form is extremely stable relative to the native enzyme 
(which inactivates completely in a single-step). Since the kinetics of unfolding for the 
immobilized enzyme mimic the PEGylated form, we expect that the polymerized form of 
the enzyme is immobilized in a state similar to the structure of the PEG-DFPase.  
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5.0 IMMOBILIZATION OF CA IN POLYMERS USING ATRP 
5.1 Introduction 
ATRP is an attractive method for the controlled radical polymerization of a 
broad range of functionalized monomers. It is compatible with a large variety of 
solvents and results in the preparation of polymers with relatively low polydispersities. 
It has also been employed to graft polymer chains from polymeric macroinitiators and 
solid supports in a controlled way.(135,134) It would be interested to determine whether 
ATRP is compatible with biological systems and can be used for the incorporation of 
biocatalysts into polymer matrices.  
In this chapter, we focused on the polymerization of two ionic monomers, 
sodium sulfonate styrene and 2-(N,N,N-trimethylammonio)ethyl methacrylate 
trifluoromethanesulfonate, at room temperature in homogeneous water phase using 
carbonic anhydrase (CA, EC 4.2.1.1) functionalized with bromo-intitiators. Native CA 
is a zinc-containing enzyme catalyzing the reversible hydration of carbon dioxide. 
Although the physiological function of CA is to catalyze the interconversion between 
carbon dioxide and bicarbonate, the enzyme is known to have a low specificity and to 
catalyze, for example, the reversible hydration of various aldehydes and the hydrolysis 
of several esters such as p-nitrophenyl esters.(244,245) It is found in humans, all animals, 
photosynthesizing organisms and some non-photosynthetic bacteria. The CA isozyme II 
is purified from red cells and exhibits the highest CO2 hydration turnover number. The 
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zinc ion is at the enzyme active site and plays a catalytic function. In the classic 
mechanism, the zinc is bound to a hydroxyl ion, which acts as the reactive specie and 
attacks carbon dioxide to form HCO3-.(246,247) The waterborne controlled radical 
polymerization of these specific monomers was successfully performed with the 
conventional initiators 2-bromopropionate and 2-bromoisobutyrate esters of 
poly(ethylene oxide) monomethyl ether by Tsarevsky et al.(248) The effects of reagents 
for ATRP on the enzyme activity were determined. CA chemical modification with 
bromoinitiators, as well as biopolymers were characterized by mass spectrometry and 
activity assays.  
5.2   Materials and Methods  
5.2.1 Materials 
2-bromopropionyl chloride, CA from bovine erythrocytes (CA II), boric acid, 
bromoisobutyric acid, dicyclohexyl carbodiimide, pyridine, p-nitrophenyl propionate, 
acetonitrile, bipyridine (bpy), copper(I) and (II),  sodium 4-styrenesulfonate (NaSS), 
neurotensin, , phosphate sodium, and N-hydrosuccinimide (NHS) were purchased from 
Sigma-Aldrich Corporation (St Louis, MO). 2-(N,N,N-trimethylammonio)ethyl 
methacrylate trifluoromethanesulfonate (TMATf) was prepared by Nicolay V. 
Tsarevsky.(248) 
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5.2.2 Activity Assay 
The esterase activity of CA was assayed using p-nitrophenyl propionate 
according to the procedure developed by Pocker Y and coworkers.(244) Typically, 
soluble CA was assayed in a 1.5 ml disposable cuvet in the presence of p-nitrophenyl 
propionate (0.4 mM) and 1 % (v/v) acetonitrile at room temperature. The medium in use 
contained 50 mM phosphate buffer, pH 7.5. During the substrate hydrolysis, p-
nitrophenol was released and its formation was followed spectrophotometrically at 405 
nm using an extinction coefficient of 12.55 cm-1mM-1. Substantial hydrolysis was 
observed in the absence of CA; hence, the background hydrolysis was systematically 
subtracted from the rates of reaction measured in the presence of enzyme. 
5.2.3 CA Stability in the Presence of Reagents for ATRP 
The enzyme (6 mg/ml) was incubated under ambient conditions in buffer (50 
mM phosphate sodium, pH 7.5) and in various buffered mixtures of pyridine, copper 
bromide, monomer, and bpy.  
To determine the stability of CA towards freezing-melting process, the enzyme 
solution (50 mM phosphate, pH 7.5) was frozen with liquid N2 and further molten with  
a water bath at room temperature. The biocatalyst activity was measured before and 
after each freezing-melting cycle as described above. 
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5.2.4 Chemical Modification with 2-Bromo-Propionyl Chloride  
The chemical modification was performed following the procedure described by 
Lynn et al.(Figure 20)(249)   
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Figure 20 Enzyme coupling to 2-bromo-propionic chloride  
 
 
 
The enzyme (or neurotensin peptide) was added to buffered media (0.5 M 
borate, pH 8.5). 2-bromopropionyl chloride is further introduced into the mixture, and 
the reaction was carried at room temperature for 1hr under vigorous mixing. The molar 
ratio between enzyme (or neurotensin peptide) and reagent was maintained at 500. The 
modified enzyme (or peptide) was purified and concentrated by centrifugation at 6 oC 
and 4,000 ×g using a centrifugal filter with a 10,000 membrane nominal molecular 
weight. The effect of coupling 2-bromopropionyl chloride to CA on the enzyme kinetics 
was determined by assaying the biocatalyst activity before and after modification as 
described in the section 5.2.2. 
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5.2.5 Chemical Modification with Bromoisobutyric Acid 
Bromoisobutyric acid was reacted with NHS in anhydrous dioxane in the 
presence of dicyclohexyl carbodiimide at room temperature under magnetic mixing as 
reported by Yoshimoto et al. and Šuškovic et al. (Figure 21).(250,251) Activated 
bromoisobutyric acid was reacted with the enzyme (or neurotensin peptide) in buffered 
media (0.1 M borate, pH 8.5) at room temperature for the first hour and then at 6 oC 
overnight. The modified enzyme (or peptide) was purified and concentrated by 
centrifugation at 6 oC and 4,000× g using a centrifugal filter with a 10,000 membrane 
nominal molecular weight. The effect of coupling 2-bromopropionyl chloride to CA on  
the enzyme kinetics was determined by assaying the biocatalyst activity before and after 
modification as described in the section 5.2.2. 
5.2.6 Characterization of Bio-Macroinitiator 
MALDI-MS analyses were performed with a Perseptive Biosystems Voyager elite 
MALDI-TOF. CA modifications were analyzed by following the procedure described in 
the sections 4.2.2.7. 
The chemical modifications of neurotensin were analyzed with MALDI-MS (Perseptive 
Biosystems Voyager elite MALDI-TOF). The acceleration voltage was set to 20 kV in a 
linear mode. The peptide solution (1-2 mg/ml) was mixed with an equal volume of the 
matrix solution (0.5 ml water, 0.5ml acetonitrile, 2 ml TFA and 8 mg  a- cyano-4-
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hydroxycinnamic acid), and 2 ml of the final solution was spotted on the plate target. 
Spectra were recorded after evaporation of the solvent mixture, and were calibrated 
externally with ACTH and FP. 
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Figure 21 Coupling of CA to bromoisobutyric acid 
 
 
 
5.2.7 ATRP Polymerization  
ATRP was performed as described by Tsarevsky et al. using 4-styrenesulfonic 
acid sodium and 2-trimethylammonioethyl methacrylate trifluoromethanesulfonate as 
monomers:(248) 
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Polymerization of the monomer 4-styrenesulfonic acid sodium was performed 
using the bio-macroinitiator prepared with 2-bromo propionyl chloride. The bio-
macroinitiator (60 mg), monomer (1.030 g), buffer (3.6 ml, 50 mM Tris-HCl, pH 7.5), 
and pyridine (0.4 ml) were mixed together in a 10ml-reactor. The mixture was placed 
under vacuum for 45 min while kept cold with an ice bath, and further frozen in liquid 
N2. bpy (0.0314 g), CuBr (0.0087 g) and CuBr2 (0.0085 g) were introduced in the 
system, which was then degassed and sealed for 5 min. The reaction solution was liquid 
at room temperature. Polymerization was conducted at room temperature for 23 hr.  
Polymerization of the monomer 2-trimethylammonioethyl methacrylate 
trifluoromethanesulfonate was performed using the bio-macroinitiator prepared with 
bromoisobutyric acid (Figure 21). The bio-macroinitiator (26 mg), monomer (1.6 g), 
buffer (3.1 ml, 50 mM Tris-HCl, pH 7.5), and pyridine (1.2 ml) were mixed together in 
a 10 ml-reactor. The mixture was placed under vacuum for 45 min while kept cold with 
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an ice bath, and further frozen in liquid N2. The freezing-melting process did not affect 
significantly the enzyme activity. bpy (0.0314 g), CuBr (0.0086 g) and CuBr2 (0.0085 
g) were introduced in the system, which was then degassed and sealed for 5 min. The 
reaction solution was molten at room temperature. Polymerization was conducted at 
room temperature for 5 hr. 
For each polymerization, the biocatalyst activity was measured before and after 
each freezing-melting cycle as described above. 
5.2.8 Biopolymer Characterization 
Various techniques are available to determine of the chemical modification of 
biocatalysts including GPC (or HPLC), MALDI, and electrophoresis.(252,253,256) In this 
study, these methods failed to give reliable results, and the characterization was 
performed with analytic ultracentrifugation. 
Lyophilized native and immobilized CA were suspended in buffer (0.02 M phosphate, 
0.3 M NaCl, pH 7.4). Analytical ultracentrifugation was performed in a Beckman-
Coulter XL-A ultracentrifuge equipped with absorption scanner optics. For a qualitative 
analysis of the heterogeneity of the samples lyophilized native CA and EP were 
redissolved  in buffer (0.02 M phosphate, 0.3 M NaCl, pH 7.4) and the sedimentation 
behavior was observed at 45000 rpm in aluminum filled epon double sector 
centerpieces. For the determination of average molecular weights the samples were 
spun in the same buffer at 14000 rpm until sedimentation diffusion equilibrium was 
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attained. From the observed concentration distribution the molecular weight was 
estimated according to 
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where 0( )xc c : concentration at distance x(x0) from rotor center, M: molar mass of 
solute, T: absolute temperature, w: angular velocity of the rotor, r: density of the 
solution, and v : partial specific volume of the solute. For estimation of v  samples 
were dissolved in solutions of different densities r H2O, D2O, and a (50/50%) mixture 
of H2O/D2O. For heterogeneous samples this procedure yields approximately weight 
averaged molar masses.  
5.3 Results and Discussion 
5.3.1 Synthesis of Bio-Macroinitiator 
The amino acid sequence for CA contains 18 lysines. Most of them are present 
at the enzyme surface and, hence, susceptible to react with the bromo-initiators. Given 
the low molecular weights of bromo-initiators, as compared with that of enzyme, only 
the overall extent of enzyme modification and the reaction yield can be determined by 
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mass spectrometry. To verify that the coupling between the bromo-initiators and the 
primary amines occured as expected (Figures 20 and 21), the reactions were performed 
with a low molecular weight peptide, called neurotensin, which contains only one lysine 
residue. For each reaction, the observed change in peptide molecular weight was 
calculated from MALDI spectra and compared to the predicted one. As expected, the 
reaction of neurotensin with 2-bromo propionyl chloride provoked a mass increase of 
135 g/mol (Figure 22). Similarly, the coupling of neurotensin to bromoisobutyric acid 
was successful and induced an increase in the peptide mass of 149 g/mol (Figure 23). 
MALDI spectra for native and modified CA are presented in Figure 24. Both reactions 
led to full conversion of enzyme (No native enzyme is left). Each molecule of CA 
modified with 2-bromopropionyl chloride and bromoisobutyric acid is attached to an 
average of 5 and 12 initiator chains, respectively (Figure 24). Unlike native enzyme, the 
populations of modified CA’s are highly heterogeneous, as indicated by the broad 
MALDI peaks. The chemical modifications did not induce any enzymatic deactivation. 
5.3.2 CA Stability in the Presence of Reagents for ATRP 
When used as a co-solvent (10 vol.%), pyridine destabilizes CA, as shown by 
the resulting 1.6-time increase in the deactivation constant (Table 9; Experiment 1 and 
2). As reported for other hydrophilic solvents, pyridine may interact with the essential 
water molecules present at the enzyme surface, leading to the enzyme partial unfolding  
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Figure 22 Coupling of neurotensin with 2-bromo propionyl chloride
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Figure 23 Coupling of neurotensin with 2-bromo isobutyric acid  
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Figure 24 Coupling of CA with bromo-initiators  
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and inactivation (section 2.1.2.4). Conversely, NaSS tends to stabilize the enzyme, the 
effect being more pronounced at a 0.4 M monomer concentration (Table 9, Experiment 
5). Stabilization was also observed in the presence of 0.4 mM CuBr2 (Table 9, 
Experiment 4). Bpy did not seem to affect the enzyme stability (Table 9, Experiment 3). 
Clearly, among the reagents for ATRP, pyridine is of major concern since it provokes 
enzyme destabilization. However, the presence of this co-solvent is vital during the 
polymerization of NaSS and TMATf in homogeneous aqueous phase as it prevents the 
catalyst disproportionation by stabilizing the lowest oxidation state of copper.(248) Since 
the disproportionation of CuI in the absence of pyridine leads to low polymerization 
yields,  it was decided to perform ATRP with the bio-macroinitiator in the presence of 
pyridine. (248)   
5.3.3 Enzyme Immobilization  
Both the polymerization of NaSS and TMATf occured in the presence of the 
bio-macroinitiator. For each reaction the bpy/(CuBr, CuBr2), and bio-
macrointiator/(CuBr, CuBr2)/monomer molar ratios were fixed at 2/1 and 1/10/500, 
respectively. Given the high heterogeneity of bio-macrointiaitor populations, the 
biopolymers were expected to exhibit high polydispersities. No unreacted bio-
macroinitiator was present after reaction, as shown by SDS gel electrophoresis. The 
characterization of biopolymers was performed by analytic ultracentrifugation. A 
molecular weight of 380 ± 76 kDa was found for bio-poly(TMATf). Bio-poly(NaSS) 
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was composed of two polymer species with molecular weights of 290 ± 58 and 45 ±  15 
kDa, respectively. In both reactions, a high monomer to macroinitiator molar ratio was 
used. Given the extents of modification of CA with the halide initiators and the 
monomer and macoinitiator initial concentrations, the full consumption of monomers 
would give rise to polymer chains whith average molecular weights larger than 100 
kDa. The observed polymer-enzyme final molecular weights are significantly smaller 
than what would be expected for full monomer conversion. The analysis with analytic 
ultracentrifugation confirmed that biopolymers were heterogeneous. Although the 
polymerization was successful, it led to the complete inactivation of the enzymic 
systems. 
5.4 Conclusion 
ATRP was applied to enzymatic macro-initiators, enabling the covalent and 
multi-point immobilization of enzyme within polymer matrices. The strategy followed 
was only partially successful, as no activity retention was obtained after polymerization. 
Clearly, the reaction conditions during ATRP were not viable for enzymes, and 
need to be modified in order to prepare biopolymers with good catalytic efficiencies. 
The use of polar co-solvents is of major concern. 
It has been reported that ATRP of amide-based monomers is often 
uncontrolled.(254) An explanation for the failure of ATRP with this category of 
monomers is the catalyst complexation with the amide functionalities.(255) Since 
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polypeptide chains contain numerous amide linkages, the enzyme primary structure 
may constitute a significant limitation for controlled living radical polymerization. The 
bio-macroinitiator was heterogeneous, and led to polydispersed biopolymers. 
Consequently, we could not address this problem and did not determine whether the 
polymerization was controlled.  
Further study on the immobilization of enzymes via ATRP should include the 
optimization of the enzymatic activity reaction for the two selected polymerizations.  
The polymerization relies on the following independent parameters: the catalyst 
concentration, the macroinitiator concentration, the monomer concentration, the 
proportion of cosolvent, the reaction time and the reaction temperature. In order to 
optimize the immobilization process, the influence of each of these parameters on the 
polymerization and the enzyme activity retention should be determined using a two-
level experimental design. The use of ATRP for enzyme immobilization could also be 
futher explored using non-ionic water-soluble monomers, which can be polymerized in 
aqueous buffer and under ambient conditions. 
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Table 9 
Stability of CA in the presence of reagents for ATRP 
 
 
Experiment Pyridine  
(vol.%) 
[bpy] 
(mM) 
[CuBr2] 
(mM) 
[NaSS] 
(M) 
t0.75 
(min) 
k 
(min-1) 
1 - - - - 221 0.0013±0.0002 
2 10 - - - 137 0.0021±0.0003 
3 10 4.5 - - 143 0.0020±0.0002 
0.4 360 0.0008±0.0001 4 10 - 
4.8 
 
125 0.0023±0.0006 
0.4 719 0.0004±0.0001 5 10 - - 
1.3 320 0.0009±0.0001 
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6.0 IMMOBILIZATION OF DFPASE INTO WATERBORNE 2K-PU-COATING 
6.1 Introduction 
Enzyme immobilization has been widely employed to enable and enlarge the use 
of enzymes as catalysts in industrial processes. Polymers such as polystyrene, 
polyacrylate, polymethacrylate, and polyurethanes have been shown to be viable 
matrices for the irreversible and multi-point immobilization of enzymes.(256,257) 
Biocoatings, prepared by following a similar strategy, could represent a powerful tool 
for the development of devices such as biosensors and biochips. 
In this chapter, the immobilization of DFPase into waterborne polyurethane 
coatings was investigated. Since alterations in enzyme-containing coating (ECC) 
hydrophilicity could influence the activity retention and stability, the immobilization 
process was performed using polyisocyanates* with various hydrophilicities. The degree 
to which the enzyme was irreversibly attached to the support was determined. The 
enzyme distribution within the coating was observed by means of gold- labeling. A 
major concern was the influence of mass transfer on the activity of enzyme-coatings. 
Therefore, the mass transfers within coatings were examined using a diffusion cell 
apparatus, and the extent of internal diffusional limitations was evaluated. True and 
 
* Polyisocyanates refer to polymers containing multiple isocyanate functionalities 
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apparent coating activity retention could be compared, and a non-conventional strategy 
could be developed to enhance the coating catalytic efficiency. The enhancement of 
DFPase thermostability via immobilization is also reported. 
6.2 Material and Methods  
6.2.1 Material 
BAYHYDUR polyisocyanates XP-7063, XP-7007, XP-7148, BAYHYDROL 
polyol XP-7093, and Desmodur N3400 as well as thermoplastic polyolefin (TPO) 
panels, used in the synthesis and curing of protein-containing coatings were kindly 
provided by Bayer Corp. (Pittsburgh, PA). The surfactant BYK-345 was obtained from 
BYK-Chemie (Wallingford, CT). DFP, Bradford reagent, bovine serum albumin (BSA), 
BTP, Tris(hydroxymethyl)aminomethane-HCl (Tris-HCl), CaCl2, NaCl, K2CO3 and 
isopropanol were purchased from Sigma-Aldrich Chemical Co. (St Louis, MO). DFPase 
was purchased from BioCatalytics, Inc. (Pasadena, CA). Polybed 812 embedding resin 
was obtained from Polysciences (Warrington, PA) 
6.2.2 ECC Synthesis  
ECC’s were prepared using buffered aqueous mixtures (10 mM BTP buffer, pH 
7.5, 5mM CaCl2). Waterborne two-component polyurethanes were synthesized using 
water-dispersible aliphatic polyisocyanates based on hexamethylene diisocyanate (HDI) 
BAYHYDUR and the polyol dispersion coreactants BAYHYDROL. During ECC 
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synthesis, a ratio between isocyanate and hydroxyl functionalities of 2 was used. 
Typically, BAYHYDROL XP-7093 (2.5 g) (water content of 70 w.%), BYK-345 
surfactant (0.01 g) and buffered medium (1.2 g) were poured into a cylindrical vessel, 
and followed by the addition of enzyme (0.02-9 mg). The aqueous solution was further 
stirred mechanically (300 rpm) for 1 min. The amounts of BAYHYDUR XP-7063, XP-
7007, XP-7148 required for ECC synthesis were calculated knowing the polyisocyanate 
equivalent molecular weights. When using XP-7007, the polyisocyanate (1 g) was 
added to the aqueous solution, and the biphasic mixture was agitated for 20 s with a 
custom designed head attached to a 2500 rpm hand held drill. After mixing, a white 
emulsion with a 63 w% water content was obtained, and applied (0.45 g) on 
thermoplastic polyolefin (TPO) panels previously cleaned with isopropanol and dried 
under ambient conditions. The ECC was then allowed to cure for 12 hrs under ambient 
conditions and weighed again (0.24 g).  
BTP contains hydroxyl groups and secondary amines, which might react with 
the isocyanates during the coating synthesis. The amount of buffer salt added to the 
reaction mixture was negligible as compared with the reactive functionalities of the 
polyisocyanate and polyol dispersion, and, hence, did not affect the properties of the 
resulting two-component waterborne polyurethanes.  
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6.2.3 Protein Concentration Determination  
Protein concentrations were evaluated using the Bradford reagent as described in 
the section 4.2.2.5.  
6.2.4 Synthesis of Enzyme/Gold Conjugates  
Gold colloids with diameters ranging from 25 to 30nm were prepared as 
previously described,(258) and conjugated to DFPase in aqueous medium.(259) During 
conjugation the pH was adjusted slightly above the enzyme isoelectric point (pI 5.8) 
with K2CO3. The pH was measured with litmus paper. Typically, an enzyme weight of 
0.12 g was needed to stabilize 30 ml of gold colloid solution (gold concentration: 0.01 
%). After addition of DFPase, the enzyme-gold solution was gently agitated, and bovine 
serum albumin solution (10 % (w/v)) was added to a final concentration of 0.1 % (w/v). 
BSA blocked areas of the colloidal surface that were not coated with the enzyme. The 
resulting solution was centrifuged for 1 hr at 100,000 rpm, and the enzyme-gold 
conjugate was recovered in the precipitate, which was resolubilized in buffered medium 
(10 mM Tris-HCl, pH 7.5). Centrifugation lead, to a certain extent, to the formation of 
gold clusters. The largest clusters were found in dense areas of the precipitate, which 
were discarded. Smaller clusters were still present among the colloidal gold conjugates. 
Coatings were further prepared with BAYHYDUR XP-7007 as described above using 
two different concentrations of colloidal gold conjugated to enzyme (0.001 
mggold/gcoating and 0.012 mggold/gcoating).  
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6.2.5 Localization of Gold-DFPase Conjugate in Coating  
To embed the films for transmission electron microscopy (TEM), small strips 
were washed several times in 100 % ethanol then incubated in several 1 hr changes of 
Polybed 812 embedding resin. Films were cut into 1 mm x 2 mm strips, placed in 
embedding molds and embedded in Polybed 812.  Blocks were cured overnight at 37 
oC, then cured for two days at 65 oC. Ultrathin cross sections (60 nm) of the films were 
obtained on a Riechart Ultracut E microtome. Sections were viewed on a JEOL JEM 
1210 or 100CX transmission electron microscope at 80 KV. 
6.2.6 Activity of ECC’s   
ECC was assayed using pieces of peeled DFPase-film ranging in weight from 
0.009 to 0.012 g. Typically, the pieces were placed in 10 ml of 3 mM DFP buffered 
solution (5 mM CaCl2 and 10mM BTP, pH 7.5) and agitated by magnetic stirring. As 
DFPase acts by binding and hydrolyzing DFP, the activity was measured by following 
fluoride release with a fluoride ion electrode at room temperature. Fluoride bulk 
solution concentration was measured every 20 s for 5 min.  
The enzyme concentration in the coatings were varied between 0 and 2 
mg/gcoating. The ECC’s with higher enzyme concentrations were too active for the initial 
velocities to be determined.    
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6.2.7 Determination of Kinetic Constants  
The kinetic constants were determined by means of a fluoride sensor as 
described in the previous section. The substrate concentrations varied from 0 to 20 mM. 
The data were fit to the Michaelis–Menten equation using a non – linear regression 
(Sigma Plot Version 2). 
6.2.8 Diffusion Cell Experiments  
The diffusion apparatus is composed of a donor and a receptor compartment, 
each of them being equipped with a water jacket.  The diffusion system was previously 
described in detail.(260) The ECC was mounted between the two compartments, and the 
experiments were conducted at room temperature (22 °C).  
6.2.8.1 Determination of Susbtrate Effective Diffusion Coefficient, Deff. The 
substrate effective diffusion coefficient, Deff (m2/min), was estimated by following the 
procedure developed by Page et al.(261) Urease was immobilized into the coating (3.6 
mg/gcoating) to mimic the presence of DFPase. Initially, a 3 ml volume of buffered 
medium (5 mM CaCl2, 10 mM BTP, pH 7.5) supplemented with DFP (4 mM) was 
placed in the donor cell, while the receptor cell was filled with buffered medium (3 ml). 
Each cell was well mixed by magnetic stirring. After a fixed period of time (5-300 min), 
the contents were removed and diluted 4 times with buffer medium (5 mM CaCl2, 10 
mM BTP, pH 7.5). The DFP concentration of each sample was then determined by an 
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activity assay with soluble DFPase. Deff was based on the total area of the wetted 
coating (liquid and solid areas) and was calculated at quasi-steady state:(261) 
 
 
 
( )0'
][
][ tt
V
DFPAD
DFP
cell
Deff
R -= d
 
 
 
 
[DFP]D and [DFP]R are the DFP concentrations in the donor and receptor cell, 
respectively (mol/m3). Vcell (3.10-6 m3) and A (6.36.10-5 m2) are the cell volume and 
diffusion cross-section area, respectively. Assuming that the swelling of polyurethane 
film occurs predominantly in thickness, the thickness of wetted ECC, d’, was estimated 
as follows: 
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The dry coating thickness, d (10 µm), was determined using scanning electron 
microscopy. e (0.7) is the fraction of the total volume occupied by the liquid phase in 
the wetted coating. 
6.2.8.2 Activity Measurements. The cells were filled with buffer (5 mM CaCl2, 10 mM 
BTP, pH 7.5). The donor cell was initially supplemented with DFP (4 mM). The initial 
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DFP concentration in receptor cell was either 0 or 4 mM. The experiments were 
conducted using a fixed DFPase-ECC concentration (3.6 mg/gcoating), for which the 
substrate comple te degradation occured on a reasonable time scale. Each cell was well 
mixed by magnetic stirring. After a fixed period of time (5-120 min), the contents were 
removed and diluted 4 times with buffer (5 mM CaCl2, 10 mM BTP, pH 7.5). The DFP 
concentration of each sample was then determined by an activity assay with soluble 
DFPase.  
Figure 25 is a schematic of the DFP concentration profile in the case of 
simultaneous diffusion and enzymatic reaction in the DFPase-containing coating when 
the receptor cell does not contain DFP at t=0 sec. If the diffusional resistance of 
boundary layer is neglected, the concentration profiles of DFP in the DFPase-ECC at 
unsteady state are given by the following equation. An outstanding derivation of these 
principles for the liquid phase was performed by Gray(262) and gives the following 
equation:(263, 264)  
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[DFP]lc (mol/m3) is the DFP concentration in the liquid phase in the coating. 
kcat,int (s-1) and KM,int (mol/m3) are the intrinsic kinetic constants for the ECC. 
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e
effD represents the effective diffusivity of the substrate relative to the surface area of 
the liquid phase on the coating. 
The initial conditions are as follows: 
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At the interface between the ECC and the donor cell we have: 
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Where [DFP]0 represents the DFP concentration in the liquid phase at the 
surface of the ECC (x=0). SurfaceV  (mol/(m
3.s)) represents the rate of DFP hydrolysis at 
the coating surface (x=0): 
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Where [DFPase]Surface (mol/m3) is the number of moles of enzyme at the coating 
surface per unit volume of donor cell. 
leaseVRe  (mol/(m
3.s)) corresponds to the rate of reaction catalyzed by the enzyme 
not covalently immobilized during the ECC synthesis and released in the donor cell :  
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Where [DFPase]Release (mol/m3) is calculated with respect to the donor cell 
volume. kcat,native and KM,native are given in Table 10 (Experiment 1a*). 
Given the experimental DFP concentration profiles in donor and receptor cells 
the equation of diffusion was solved numerically using the boundary and initial 
conditions with Athena Visual Version 7.1.1. The intrinsic kinetic constants of the ECC, 
KM,int and kcat,int were then calculated.  
6.2.9 Enzyme Modification with Desmodur N3400  
DFPase-containing solution (1 ml)(50 mM MOPS, 5 mM CaCl2, pH 7.5) was 
added to Desmodur N3400 (1 g), which is composed of the dimer and trimer of HDI. 
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The biphasic mixture was stirred at room temperature. The activity of modified enzyme 
was determined by means of a fluoride sensor as described previously.  
Since the degree of DFPase modification could not be determined directly, the 
reaction of Desmodur N3400 and enzyme Lysine residues was mimicked using 
Bradykinin potentiator B, a low molecular weight peptide (1182.4 Da) containing one 
Lysine residue. The extent of Lysine modification was determined using MALDI-TOF 
for various reaction time (15 min to 17 hr) as described in sections 4.2.2.7 and 5.2.6. 
DFPase modified with Desmodur N3400 was further immobilized into 
polyurethane coatings as described previously. 
6.2.10 ECC Thermostability  
Native and immobilized DFPase were added to buffer (10 mM BTP, 5 mM 
CaCl2, pH 7.5) incubated at 65 oC, and assayed at room temperature in buffered media 
(10 mM BTP, 5 mM CaCl2, pH 7.5) as described above.  
The thermostability of dry ECC’s was determined  at room temperature. After 
fixed periods of storage under ambient conditions, the ECC samples were assayed for 
activity at room temperature in buffered media (10 mM BTP, 5 mM CaCl2, pH 7.5) as 
described above. 
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Figure 25 Schematic of the  DFP concentration profile in the case of 
simultaneous diffusion and enzymatic reaction in the DFPase-containing 
polyurethane coating 
ls, d’ are the stagnant solution layer and the wetted coating thickness, respectively. [DFP]D,t, 
[DFP]R,t are the bulk DFP concentrations at a time t in the donor and receptor cell, respectively. [DFP]0,t, 
[DFP]d,t are the DFP concentration in the liquid phase of coating at the surfaces and at a time t. 
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6.3  Results and Discussion 
6.3.1 Reversibility of DFPase Attachment to ECC’s 
The extent to which DFPase is irreversibly attached to the polymer was 
determined using the Bradford reagent. DFPase-containing polyurethane coatings were 
peeled from panels, cut into small pieces, and extensively rinsed with distilled water. 
Less than 4 % (w/w) of the protein loaded to the ECC was detected in the rinsates, 
indicating that the immobilization efficiency approached 100 %.  
6.3.2 Enzyme Distribution in ECC’s 
When enzymes are incorporated into films, a key issue is whether the enzyme is 
equally distributed in the film. Gold labeling has been used to localize immobilized 
enzyme in polyurethane monolith foams.(265) Therefore, we decided to localize DFPase 
in ECC’s via conjugation to colloidal gold particles. Figures 26A and 26B are 
micrographs of gold/DFPase conjugate-containing coatings obtained by dark field 
microscopy (0.001 mggold/gcoating) and inverse image light microscopy (0.012 
mggold/gcoating), respectively. Gold/DFPase-containing coatings are analyzed using dark 
field microscopy (A; 0.0007 mggold/gcoating) and inverse (negative) images taken using 
light microscopy (B; 0.0116 mggold/gcoating). Cross sections of the coatings were obtained 
using Transmission Electron Microscopy (C and D). The arrows with filled heads show 
some of the gold/enzyme particles, while the arrows with emptied heads show some of 
the gold/enzyme conjugate clusters. The arrowheads indicate the extremities of coating 
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samples within the embedded resin. The stars designate some unfocussed areas as a 
result of high gold particle concentration and uneven surface. Bubbles in the coating are 
indicated by the letter h. As the concentration of immobilized colloidal gold/enzyme 
conjugate is increased by 12-fold it becomes apparent that the immobilized 
gold/enzyme complexes are uniformly distributed within the coating. The TEM’s of the 
cross section of gold/enzyme-containing coating (0.012 mggold/gcoating) are given in 
Figure 26C (originally 2500-fold enlargement) and 25D (10,000-fold magnification). 
Similarly to light microscopy, TEM shows that the gold/enzyme particles and clusters 
are randomly distributed at the microscale level. This implies that the synthesis of 
gold/DFPase conjugate-containing coating leads to the homogeneous immobilization of 
gold/DFPase complexes in the polymeric matrix. By extrapolation one can predict that 
the DFPase local concentration in a film should not be location dependent. 
6.3.3 Activity of ECC’s 
ECC’s were prepared using the polyisocyanates XP-7007, XP-7148 and XP-
7063. Figure 27 shows the activity of each ECC as a function of initial DFPase loading. 
The activity is directly proportional to the enzyme concentration, which implies that 
there is no significant mass transfer limitation. Since Figure 26 indicates that the films 
are non-porous, this result implies (as we will discuss in detail later) that only enzyme 
in a thin external layer of the film is accessible to substrate.  
The hydrophilicity of polyisocyanate decreases in the order XP-7148>XP-
7063>XP-7007. Interestingly, the apparent activity retention of ECC’s increases as the 
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hydrophilicity of polyisocyanate decreases (Figure 27). Studies of enzyme activity in 
dehydrated organic solvents demonstrate that enzymes prefer hydrophobic 
environments. It may not be coincidental that less hydrophilic polyisocyanates are 
superior ECC materials. 
The use of polyisocyanate XP-7007 generates ECC’s with the highest levels of 
apparent activity retention, and thus subsequent experiments were performed with XP 
7007-containing-ECC’s. 
The apparent kinetic characteristics calculated by assuming all the loaded 
enzyme is available (Table 10, Experiment 1b*) lead to an observable activity retention 
(11 %) rather than intrinsic retention.  
6.3.4 Effective Diffusivity of DFP in ECC, Deff 
Clearly, to understand activity retention in ECC’s we must assess the diffusivity 
of the substrate in the film. Deff was found to be (5± 1)×10-10 m2/min (Figure 27). Deff is 
two to three orders of magnitude lower than the diffusion coefficients of gases into 
liquids or organic solutes into hydrogels (Error! Bookmark not defined.266). Similarly, 
Buenfeld(267) observed high resistance of two-component waterborne polyurethane 
coatings to diffusion of chloride ions. The accessibility of enzyme located within the 
coating to substrate is clearly limited by the low coating permeability. Once again, this 
result indicates that the degree of penetration of DFP into coating should be taken into 
account in order to determine the activity retention of ECC’s. 
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Figure 26 Enzyme distribution in polyurethane coating 
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Figure 27 Effect of DFPase concentration on DFPase-containing coating 
efficiency  
Coatings were synthesized with polyol XP-7093 and polyisocyanates XP-7007 (closed 
diamond), XP-7063 (closed circles) and XP-7148 (closed squares). The closed triangles correspond to the 
apparent activity of coatings synthesized starting from DFPase modified with Desmodur N3400, XP-7093 
and XP-7007. 
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Figure 29 shows the profile for DFP concentration in donor and receptor cell 
over time when using a DFPase-ECC (3.6 mg/gcoating), and an initial concentration of 4 
mM DFP in both cells. The profiles for the decrease in DFP concentration in donor and 
receptor cells follow similar trends. Assuming immobilized DFPase is homogeneously  
distributed in the coating (as implied in Figure 27), the enzymatic activity retention is 
therefore almost the same on both sides of coating. During curing, the ECC upper and 
lower surfaces are in contact with the TPO panel and exposed to air, respectively. As 
given by the little difference in activity retention of the ECC’s external surfaces, the air 
interface and the polymeric/hydrophobic environment do not influence the ECC activity 
retention.  
DFP concentration profiles in the donor and receptor cells were also measured 
for a DFPase-ECC (3.6 mg/gcoating) with no DFP in the receptor cell (Figure 30). The 
diffusion model describes well the experimental results (Figure 30a). The estimated 
intrinsic Michaelis constant of immobilized DFPase, KM,int (Table 10, Experiment 2b**), 
is similar to that obtained without the diffusion apparatus (Table 10, Experiment 1b*). 
Interestingly, by taking into account the coating resistance to substrate diffusion, kcat,int 
(Table 10, Experiment 2b**) was found to be 2.4 times higher than the apparent kcat,app 
measured without the diffusion apparatus (Table 10, Experiment 1b*). As shown by the 
simulated substrate profiles within the coating at different experimental times (Figure  
30b), the substrate penetrates a third of the coating over the time course of the 
experiment. Clearly, the estimation of apparent kinetic parameters involves solely the 
  
171 
degradation of DFP in a layer of immobilized enzyme at the coating surface. 
Consequently, the apparent enzymatic efficiency of DFPase-ECC’s is based on the 
activity retention of this external layer of immobilized DFPase. As given by the intrinsic 
kinetic constants of DFPase-ECC, the intrinsic activity retention within this layer is 38 
%. The ratio of apparent to intrinsic kcat, 4.0
int,
, ==
cat
appcat
k
k
R , gives the proportion of 
immobilized DFPase in ECC’s reachable by the substrate during activity measurements 
without the diffusion apparatus. 
6.3.5 Desmodur N3400-Modified ECC’s 
The vigorous mixing of Bradykinin potentiator B-containing aqueous solution with 
Desmodur N3400 ensured the chemical modification of the peptide Lysine residue with 
the dimer of HDI, as observed using MALDI-TOF. A reaction yield fluctuating between 
70 and 90 % was reached for a 15 min reaction time, and was not increased by further 
mixing of the peptide solution with the Desmodur N3400 phase.  
Polyisocyanate Desmodur N3400 is based on the uretdione of HDI which is 
known to migrate from the bulk to the polymer/air interface during coating curing due 
to its low viscosity. By modifying DFPase with Desmodur N3400 prior to its 
immobilization into coatings, we expected the immobilized enzyme to be mainly 
concentrated within an external layer at the coating surface. Consequently, immobilized  
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Table 10 
Kinetic parameters for DFPase-containing coatings and soluble DFPase 
 
 
Experiment 
KM 
(mM) 
kcat 
(s-1) 
kcat/KM 
(s-1.mM -1) 
1a*; intrinsic native DFPase 0.79 ±0.02 232 ±2 293 ±3  
1b*; apparent ECC 1.3±0.2 43±3 33±7 
1b#*; apparent ECC 1.3±0.2 70±6 54±13 
2b**; intrinsic ECC 0.96±0.01 102±1 106±2 
The errors on specific constants were calculated as follows: 
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a: native DFPase  
b: polyurethane coatings  
*: The kinetic parameters were evaluated by applying the Michaelis -Menten equation as a model and 
using a non-linear regression  (SigmaPlot Version 2). 
#: DFPase was modified with Desmodur N3400 prior to immobilization into polyurethane coatings. 
**: The kinetic parameters were evaluated at room temperature in buffered media using the diffusion cell 
apparatus. 
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Figure 28 Effective diffusion of DFP through coatings  
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Figure 29 Profiles for DFP consumption in diffusion cells  
The experiments were conducted using an initial DFP concentration of 4 mM  in both donor and 
receptor cells . The DFP concentrations in donor (closed diamonds) and receptor (closed circles) cells 
were determined over time and compared to the simulated profile (dashed line).  
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DFPase would be well accessible to substrate, leading to an increased apparent activity 
retention. Given the fast favorable reaction between isocyanates of the dimer of HDI 
and the Lysine residue of Bradykinin potentiator B, DFPase was reacted with Desmodur 
N3400 for 15 min. No loss of enzymatic activity was observed.  As shown in Figure 27 
and Table 10 (Experiment 1b#*), the pre-treatment of DFPase with Desmodur N3400 
produced a 64 % increase in apparent efficiency of ECC’s. The increase in apparent 
efficiency may also result from the ability of the dimer of HDI to act as a surfactant. 
Therefore, the enzyme pre-modified with Desmodur N400 may be better dispersed into 
the coating than native enzyme and, hence, exhibit a higher activity retention.  
6.3.6 Thermostability of ECC’s 
As explained in the previous section, not all the immobilized enzyme is seen by 
the substrate during activity measurement. Since the inaccessible enzyme does not 
interfere with rate determinations the thermal stability of the film can be determined 
without special consideration of diffusion resistances. 
Unlike native DFPase, immobilized DFPase has a biphasic thermoinactivation profile at 
65 °C (Figure 31). An elevated temperature of 65 oC was used to inactivate the enzyme 
in order to perform experiments on a reasonable time scale. For this range of incubation 
periods, the two-component polyurethane coatings did not dissolve significantly into the 
aqueous phase. Initially, the ECC follows a deactivation trend similar to that for native 
enzyme. This initial rapid deactivation leads, however, to the
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Figure 30 Profiles for DFP consumption in diffusion cells  
a: DFP concentrations were measured over time ( mM]DFP[;mM]DFP[ receptortdonort 04
00
== ) and simulated (donor cell: closed circles, dashed line; 
receptor cell: closed triangles, dotted line). b: The substrate profile in the ECC’s was calculated at 0 (medium dashed line), 30 (solid line), 60 (small dashed 
line), 90 (dashed-dotted line), 120 (dotted line), 180 (dashed-dotted-dotted line) and 280 min (long dash line).  
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formation of a stable and active form of immobilized enzyme with a 6-7 % 
residual activity. No significant change in the activity of the highly stable form of the 
DFPase-ECC is observed over 350 min. The biphasic deactivation kinetics of the ECC 
can be modeled by the four-parameter model described in the sections 2.1.2.1 and 4.3.8, 
which assumes the following deactivation scheme :(5)    
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Another kinetic model assuming the existence of two different forms of DFPase 
in ECC’s with different deactivation pathways, and requiring only four physical 
parameters did not adequately describe the experimental data. Further more complex 
mechanisms were not considered as they involved five or more parameters.(5) 
The immobilization of DFPase in polyurethane foam and PEGylation also 
induced a transition from first order to biphasic inactivation kinetics. We believe that 
thermoinactivation of the DFPase-ECC results from structural changes similar to those 
described previously for the thermoinactivation of DFPase-containing polyurethane 
foam monoliths. 
DFPase-ECC’s exhibit a higher stability at room temperature than at 65 oC. 
Indeed, DFPase-ECC’s lose only 40 % activity after 100 days of storage at room 
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temperature (Figure 32). Given the high stability of ECC’s maintained dry under 
ambient conditions, the resulting catalyst should be an effective decontaminant for a 
variety of applications. 
6.4 Conclusion 
Covalent incorporation of DFPase into waterborne polyurethane coatings has 
been performed in a single step protein-polymer synthesis using polyol and 
polyisocyanates. The use of polyisocyanate XP-7007 and enzyme modified with 
Desmodur N3400 during the immobilization process leads to the highest intrinsic 
catalytic efficiency (with 18 to 38 % activity retention). At high temperature, DFPase-
ECC’s lose 93 % of their activity quickly, but then become hyper-stable. 
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Figure 31 Thermoinactivation of DFPase-containing coating  
Deactivation of immobilized DFPase (closed squares) and native DFPase (closed diamonds) was 
conducted at 65 oC. The biphasic behavior was described with a four parameter model (a1 (0.34±0.03), a2 
(0.10±0.01), k1 (1.3±0.1) and k2 (0.042±0.003)). 
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Figure 32 Thermoinactivation of DFPase-containing coating at room temperature  
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7.0 IMMOBILIZATION OF CA INTO MICHAEL ADDUCT-BASED COATING 
7.1 Introduction 
In the previous chapter, the covalent immobilization of the nerve agent-
degrading enzyme DFPase into waterborne 2K-PU coatings was explored. The resulting 
enzyme-coating network combined high catalytic efficiency and attractive physico-
chemical propertie s. Given these promising results, it becomes interesting to generate 
enzyme-containing coatings with other types of polymers.  
In this chapter, the incorporation of carbonic anhydrase (CA, EC 4.2.1.1) into Michael 
adduct coatings was investigated. Native CA catalyzes the reversible hydration of 
carbon dioxide as well as the hydrolysis of various p-nitrophenyl esters.(244,245) To 
ensure the incorporation of CA into the hydrophobic coatings, the enzyme was modified 
with the Michael adduct derived from methyl acrylate (MANVF) and further 
polymerized with MANVF and N-vinyl- formamide (NVF) in aqueous phase (Figures 
33 and 34). Native CA and other enzymes are not soluble in the MANVF prepolymer. 
The degree of modification of the enzyme and the kinetics of enzyme-polymer 
catalyzed reactions and biocatalyst stability were measured. Enzyme-containing 
coatings (ECC’s) were prepared using the CA polymerized with NVF and MANVF 
(enzyme-polymer, EP), and the extent of enzyme leakage during activity cycles was 
determined.  
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7.2 Material and Methods  
7.2.1 Material 
An epoxy acrylate oligomer (Ebecryl 3700) and trimethylolpropane triacrylate 
(TMPTA-N) used in the synthesis and curing of Michael adduct-based coatings, were 
kindly provided by UCB Chemicals Corporation (Smyrna, GA). Tripropylene glycol 
diacrylate, (TRPGDA, SR306), and 1-hydroxycyclohexyl phenyl ketone, Irgacure 184, 
were obtained from Sartomer Company (West Chester, PA) and Ciba Specialty 
Chemicals Corporation (Tarrytown, NY), respectively. Carbonic anhydrase from bovine 
erythrocytes (EC. 4.2.2.1; CA; BCA II), p-nitrophenyl propionate, p-nitrophenyl 
chloroformate, bovine serum albumin, sodium phosphate mono- and dibasic, acetic 
acid, triethylamine, neurotensin, boric acid, acetonitrile, a-cyano-4-hydroxy-cinnamic 
acid, N-vinylformamide (NVF), methyl acylate (MA), sodium methoxide, and 
ethanolamine were purchased from Sigma-Aldrich Corporation (St Louis, MO).  
7.2.2 Michael Adduct Synthesis 
The Michael adduct, methyl 3-(N-vinylformamido)propionate (MANVF), was 
prepared as previously described (Figure 33; step 1). (268) 
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7.2.3 Synthesis of N—hydroxyethyl 3-(N -vinylformamido)propionamide  
N—hydroxyethyl 3-(N-vinylformamido)propionamide was synthesized 
according to a procedure developed previously Pinschmidt et al. (Figure 33; step 2).(268) 
7.2.4 Polymerization of CA with Michael Adducts  
7.2.4.1 Activation of N—hydroxyethyl 3-(N-vinylformamido)propionamide. N—
hydroxyethyl 3-(N-vinylformamido)propionamide was reacted with p-nitrophenyl 
chloroformate using the method of Veronese at al.,(269) leading to activated MANVF 
(Figure 33; step 3).  
7.2.4.2 CA- and Neurotensin-MANVF. We followed the procedure initially described 
by Yang for the modification of enzyme with PEG-OH (Figure 33; step 4).  (270) 
Typically, activated MANVF (70 mg) was added to a borate buffered solution (0.5 M, 
pH 8.5) containing the enzyme (50 mg). The enzyme and activated MANVF were 
present in a 1/100 molar ratio. The mixture was stirred at room temperature for 1.5 hrs, 
followed by dialysis against phosphate buffer (10 mM, pH 7.0) overnight at 6 oC, and 
lyophilization for 24 hrs on a Labconco freeze dryer 4.5 L. The neurotensin 
modification was performed in a similar manner.  
7.2.4.3 EP Synthesis. CA-MANVF and NVF were polymerized in buffered aqueous 
media (10 mM phosphate buffer, pH 7.0) (Figure 34; step 1). Typically, NVF (0.2 g), 
MANVF (0.44 g), buffer (0.8 g), and the photoinitiator, Irgacure 184 (0.013 g), were 
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poured into a cylindrical vessel, and followed by the addition of CA-MANVF (0-15 
mg). The aqueous solution was stirred until complete solubilization of the 
photoinitiator. The homogeneous mixture was further purged with oxygen-free helium 
for 30 min at ambient temperature prior to polymerization. Photopolymerization (10 
min to 2 hrs) was then performed at room temperature under a helium atmosphere using 
a longwave ultraviolet lamp (Blak Ray model B100AP) for various period of time. A 
white emulsion was obtained and lyophilized overnight. 
7.2.4.4 ECC’s Synthesis. The Michael adduct-based coating formulation and curing 
were derived from the procedures described by Pinschmidt et al. (Figure 34; step 
2).(271,268) Prior to coating synthesis the epoxy acrylate oligomer, Ebecryl 3700, was 
preheated to 50 oC, then, typically, Ebecryl 3700 (2 g), MANVF (2.7 g), NVF (0.44 g), 
TMPTA-N (0.44 g), and TRPGDA (0.44 g), Irgacure 184 (0.113 g) and buffer (0.59 ml; 
10 mM phosphate buffer, pH 7.0) were poured into a cylindrical glass vial and 
mechanically agitated at 400 rpm for 15 min. The lyophilized EP (5-50 mg) was then 
added to the system and stirred mechanically at 400 rpm until a homogeneous mixture 
was obtained. After mixing, the latter was applied onto steel panels (Gardner Company, 
Pompano beach, FL) using a #3 drawing bar (Gardner Company, Pompano beach, FL), 
and cured with a longwave ultraviolet lamp (Blak Ray model B100AP).  
Blanks were prepared by following the same procedure in the absence of 
enzyme.
  
185 
- MeOH
+
NVF MA MANVF
N-2-hydroxyethyl 
3-(N-vinylformamido)propionamide
Step 2
-HCl
Step 3
ClCO2C6H4NO2
Activated MANVF
E NH2-HOC6H4NO2
CA-MANVF
Step 1
Step 4
NH
CHO O
OMe N OMe
O
CHO
H2N OH
N N
H
O
CHO
OH
N N
H
O
CHO
O
O
O NO2
N N
H
O
CHO
O
N
H
O
E
 
 
Figure 33 Diagram of enzyme modification with MANVF 
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Figure 34 Steps leading to the preparation of ECC’s 
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7.2.5 Immobilization of CA onto Coating Surface  
7.2.5.1 Direct coupling Between CA and Coating Surface. The enzyme was 
immobilized onto the coatings via adsorption. Typically, the coatings were prepared as 
described above. After curing, the coating (2 g) was peeled off the panel, cut in small 
pieces and placed in a beaker containing a buffered solution (40 ml; 0.1 M phosphate or 
borate buffer, 7.5) and CA (2 mg/ml). The biphasic mixture was stirred magnetically for 
1 hr at room temperature.  The coating pieces were then recovered, washed extensively 
with buffered media (10 mM phosphate sodium, pH 7.5) and lyophilized overnight.  
7.2.5.2 Immobilization onto Coatings by Glow-Discharge and Treatment with 
Glutaraldehyde. NVF-based coatings were glow discharged with ammonia using a 
MARCH glow discharge apparatus. The activation of glow-discharged coatings with 
CA was further performed us ing glutaraldehyde (Figure 35). The coating pieces were 
treated with glutaraldehyde according to the procedure described by Kim (Figure 35).( 
272,140)  Typically, coating pieces (4 g) were stirred in the presence of buffered media (80 
ml) (50 mM phosphate, pH 7.5) containing 2 % glutaraldehyde for 3 hrs at room 
temperature. After extensive rinsing with buffer, the coatings pieces were placed in 
buffer (80 ml) (50 mM phosphate, pH 7.5) containing CA (2 mg/ml) and stirred at room 
temperature for 3 hrs. The coating pieces were then recovered, washed extensively with 
buffered media (50 mM phosphate sodium, pH 7.5) and lyophilized overnight. 
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7.2.5.3 Immobilization onto Partially Hydrolyzed Coating. Coating pieces were 
incubated in basic media (1 N NaOH) at room temperature for 15 or 30 min under 
magnetic stirring. This treatment ensured the partial hydrolysis of formamide 
functionalities into primary amines.(268) Pieces of partially hydrolyzed coating were 
extensively rinsed and treated with glutaraldehyde and CA as described above (Figure 
35). 
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Figure 35: Coupling of the enzyme to the coating surface via Schiff’s bases 
7.2.6 Activity Assays  
7.2.6.1 Native CA and EP’s. CA wa assayed for activity as described in section 5.2.2. 
7.2.6.2 ECC Activity. The activity of ECC was determined by an end-point assay using 
pieces of peeled CA-film ranging in weight from 0.11 to 0.13 g. Typically, the pieces 
were placed in 1.5 ml of 0.4 mM p-nitrophenyl propionate in 50 mM sodium phosphate, 
pH 7.5 and incubated at room temperature for 2 hrs with mixing (500 rpm). After the  
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incubation period, the 1.5 ml sample was centrifuged, the liquid phase was collected 
and its absorbance measured spectrophotometrically at 405 nm. Simultaneously, the 
end-point assay was performed in the presence of coating not containing CA following 
the same procedure. The absorbance resulting from the background hydrolysis was 
subtracted from that obtained with the ECC, yielding the rate of enzymatic hydrolysis.  
The enzyme concentration in the coatings was varied between 0.05 and 1 
mg/gcoating. 
7.2.6.3 ECC Stability. Each sample was used for several cycles of activity 
measurement performed as described above. Between each assay, the sample was 
washed twice with buffer (1 ml). The experiment was performed simultaneously with 
ECC’s and coatings not containing CA. At each cycle, the absorbance obtained with 
coating not containing CA was subtracted from that obtained with ECC.  
7.2.6.4 Enzyme Kinetics. The substrate concentration was varied from 0 to 0.4 mM, 
and the activity assayed as described in the previous section. Given the low substrate 
solubility in buffer, higher concentrations could not be reached. Since the kinetic 
constant, KM, was much higher than 0.4 mM, the enzymatic activity was directly 
proportional to the substrate concentration, and the resulting slope represented the 
enzymatic efficiency, 
M
cat
K
k
. 
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7.2.6.5 Thermostability. Native CA and EP (0.1 mg/ml) were added to buffer (50 mM 
phosphate sodium, pH 7.5) incubated at 65 oC. The aliquots were removed from the 
incubation bath and placed on ice for 5 min after fixed periods of time (0-230 min). The 
aliquots were then restored at room temperature to equilibrate before their residual 
activity was measured as described above. 
The thermostability of dry ECC’s was determined at room temperature. After 
fixed periods of storage under ambient conditions, the ECC samples were assayed for 
activity at room temperature. Similarly, the thermostability of native CA in buffer (50 
mM sodium phosphate, pH 7.5) was followed at room temperature.  
7.2.7 Characterization of Neurotensin - and CA-MANVF  
MALDI-MS analyses were performed with a Perseptive Biosystems Voyager 
elite MALDI-TOF. CA and neurotensin modifications were analyzed by following the 
procedure described in the sections 4.2.2.7 and, 5.2.6 respectively.  
7.2.8 EP Characterization 
7.2.8.1 Aqueous GPC. Solutions of native CA and EP (0.1 w%) were analyzed using 
an aqueous GPC Waters (Model 600E) equipped with a refractive index detector 
(Model 2410). A column Waters Ultrahydrogel 250 with a 300-mm ´ 7.8-mm-id was 
used. The internal temperature was held at 30 oC. Runs were performed using 50 ml 
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injection volumes, a flow rate of 0.8 ml/min, and a mobile phase composed of 90 % 
phosphate buffer (0.5 M, pH 7.5) and 10 % acetonitrile.  
7.2.8.2  Analytic Ultracentrifugation. The procedure for the analysis of EP’s with 
analytic ultracentrifugation is described in section 5.2.8. 
7.3 Results and Discussion 
7.3.1 CA and Neurotensin Modified with Activated MANVF 
Neurotensin was used as a model peptide to demonstrate efficient modification of lysine 
by activated MANVF (Figure 33; step 4). MALDI-TOF shows an increase of molecular 
weight, which is predicted from complete modification as described in Figure 33 (step 
4) (1,675 Da increasing to 1,887 Da). Similarly, the degree of modification of CA was 
100% (no native enzyme remained) with an average of three to five MANVF chains 
attached per molecule of enzyme. No loss of enzymatic activity was observed upon 
modification. Since a broad distribution in degree of modification is obtained with CA, 
we predicted that the synthesis of CA-containing polymers from this prepolymer would 
yield high polydispersity products. 
7.3.2 Activity and Stability of EP 
The photopolymerization of CA-MANVF with NVF and MANVF led to the formation 
of a white gel (EP).  As shown in Figure 36, native CA placed under the UV lamp does 
not undergo any significant activity loss for incubation periods shorter than 80 min. A 
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substantial activity loss is observed during photopolymerizations in excess of 1 hr. 
Traces of CA activated with MANVF are still present in the gels obtained after reaction 
for 10 and 20 min, as determined by MALDI. Longer reaction times ensured that all the 
enzyme was polymerized within NVF-based polymer, as shown using MALDI and 
GPC (data not shown). To minimize the activity loss induced by UV light during the 
photopolymerization process, the time of UV exposure was maintained at 1 hr for 
further experiments. Analytical ultracentrifugation is a rarely used tool for the analysis 
of such modifications, but it yields quick and direct results. While in sedimentation rate 
experiments CA alone showed a single sedimenting species, EP, as expected, exhibited 
a broad distribution of differently sedimenting species representative for a broad 
molecular weight distribution. Sedimentation diffusion equilibrium experiments gave a 
molecular weight of 27 ± 5 kDa for native CA and an average molecular weight of 36 ± 
9 kDa for EP. 
The catalytic efficiency of immobilized BCA II (bovine carbonic anhydrase purified 
from red cells) highly depends on the support properties and the type of coupling that 
links the enzyme and the matrix.(273) For example, BCA II physically absorbed onto 
colloidal gold retained 70 % of its native activity.(273) When BCA II was encapsulated in 
sol-gel derived monolith, it lost at least 99 % of its original activity.(274) By comparison, 
EP is highly active retaining 86 % of the activity of native enzyme (Table 11, 
Experiments 1* and 2*). This activity retention exceeds those observed for a number of 
other enzymes immobilized into photocurable hydrogels using similar techniques. For 
example, phosphotriesterase (OPH, EC.3.1.8.1) covalently incorporated into 
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polyethylene-based hydrogels by photopolymerization exhibited less than 1 % activity 
retention.(275) The activation of b-glucosidase with itaconic anhydride and subsequent 
co-polymerization with N,N’-methylenebisacrylamide had less dramatic inactivation 
effects and led to 33 % catalytic efficiency.(209)  
Enzyme thermostability was studied at an elevated temperature of 65 oC in order 
to perform experiments on a reasonable time scale. Both native enzyme and EP 
displayed first order deactivation profiles with half lives of 43.9 and 21.2 min, 
respectively (Figure 37). Similar deactivation kinetics were observed for native CA by 
Azari.(276) We found that EP was more unstable than the native enzyme. During the 
themoinactivation of EP at 65 oC the immobilized CA was surrounded by NVF-based 
polymer, which represented 4 (w/w)% of the total buffered media content. To determine 
whether the decrease in enzyme thermostability resulted from non-covalent interactions 
between the polymer support and CA, we followed the thermoinactivation of native CA 
in the presence of NVF-based polymer. To enable direct comparison between native 
enzyme and EP, the thermostability of native CA was assessed in buffer containing 4 
(w/w)% NVF-derived polymer. As shown in Figure 37, the presence of the polymer 
highly destabilizes the native enzyme decreasing the half- life to 5.9 min. The 21.2 min 
half- life of EP implies that the multi-point and covalent modification of CA by NVF 
prevents excessive destabilization by free NVF-based polymer. 
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 Figure 36 Effect of UV irradiation time on the activity of native CA (closed 
diamonds) and on the apparent activity retention of EP’s (closed circles)  
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 Figure 37 Thermoinactivation of native CA and EP at 65 oC 
Deactivation of native CA was conducted in the presence NVF-and MANVF-derived polymer (4 
w%) (closed triangles) and in the absence of NVF -and MANVF-derived polymer (closed diamonds). A 4 
w% content of NVF-and MANVF-derived polymer was present during the deactivation of immobilized 
CA (closed circles).  
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Table 11                   
Kinetic parameters for CA immobilized into NVF- and MANVF-derived polymer, 
ECC’s, and native CA 
 
 
Experiment kcat/KM 
(min-1mM-1) 
Vmax/KM 
(
coatinggmin
1
) 
1a; native CA 3.70 ±0.05 - 
2a; CA incorporated into NVF- and 
MANVF-derived polymer 
3.2±0.1 - 
3b; ECC 0.26±0.03 4.9±0.6c 
4b; formamide based coatings - 0.3±0.1 
5b; glow discharge/glutaraldehyde 
coatings 
- 
0.14±0.03 
6b; short hydrolysis/glutaraldehyde 
coatings 
- 
1.4±0.1 
7b; long hydrolysis/glutaraldehyde 
coatings 
- 
56±3 
a: The initial velocities were determined by following spectrophotometrically (405nm) the product release 
over 5-15 min at room temperature. b: The activity was determined spectrophometrically by end-point 
assay. c: The activity of ECC’s is a function of the loading in EP. The highest activity was obtained at 
[EP]=0.81 mg/gcoating. 
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7.3.3 Activity of ECC’s 
Attempts to disperse native enzyme in the hydrophobic blend used for casting thin films 
of NVF type polymers resulted in agglomeration of enzyme particles. To ensure the 
uniform incorporation of enzyme into the Michael adduct-based coatings, EP was used 
since it was soluble in the organic mixture. ECC’s were synthesized as described above 
and Figure 38 shows the activity of the final film as a function of initial EP loading. The 
activity is directly proportional to the enzyme concentration, implying that the activity 
of the immobilized enzyme is not significantly limited by internal mass transfer. Since 
the Michael adduct-derived coatings are highly cross- linked and non-porous, the 
enzyme on the interior of the film may not be available to react with substrate (Figure 
39).  
The extent of enzyme leakage during activity cycles was assessed as shown in Figure 
40. Activity loss is mainly observed over the first three activity cycles, for which it 
fluctuates between 10 and 20 % per cycle. A total activity loss of 46 % was recorded 
after six activity cycles (12 hrs of incubation in fresh buffer). Similar degrees of 
leaching have been observed for other enzyme-containing coatings.(141,185) For example, 
biocatalytic coatings prepared by entrapping a-chymotrypsin into poly(vinyl acetate) 
were shown to lose 50 % of their activity after 6 reuse cycles.(141) Activity loss was 
minimal for the subsequent activity cycles.(141)  
An observable activity retention of 7 % was calculated (Table 11; Experiment 
3**). The efficiency of biocatalytic coatings can significantly fluctuate depending on the 
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enzyme and the polymer properties. For example, the entrapment of flavin reductase 
into pyrrole-based coating was reported to lead to 0.13 % activity retention,(161) whereas 
lipase entrapped into poly(propylene glycol) based coatings exhibited up to 81.6 % 
activity retention.(186)  
7.3.4 Immobilization of CA onto Pre-Formed Coatings  
We were interested in comparing the direct incorporation of EP into an ECC to 
the reaction of CA with an activated pre-formed film. The adsorption of CA onto the 
coating surface results in films with a the catalytic efficiency (
MK
Vmax )of 3´10-4 ± 1´10-4 
min-1gcoating-1 (Table 11; Experiment 4). By comparison, the apparent efficiency of 
ECC’s is 16 times higher ([EP] = 0.81 mg/gcoating). The entrapment of enzyme within 
polymer matrix is a more effective strategy. 
An alternative approach is to modify the film with a reactive group prior to exposure to 
enzyme. We therefore generated primary amines at the coating surface by glow 
discharge or partial hydrolysis (as described above) prior to coupling to the enzyme via 
a glutaraldehyde spacer. Glow-discharged coatings reacted poorly with CA, and the 
resulting film displayed little enzymatic activity (Table 11; Experiment 5). A 15 min 
partial hydrolysis followed by glutaraldehyde linked immobilization of CA did yield a 
film with 5 times higher activity than the formamide based film (Table 11; Experiment 
6). Further partial hydrolysis of the film (30 min) gave a particularly effective film  
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Figure 38 Effect of CA concentration on CA-containing coating apparent 
efficiency 
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Figure 39 Electron micrographs of Michael adduct derived-coatings 
43- and 2000-fold magnifications was used for figures a and b, respectively. 
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Figure 40 ECC’s reusability for activity assays  
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(Table 11; Experiment 7). However, the 30 min exposure of the film to basic media also 
destroyed the uniformity and morphology of the coating.   
7.3.5 Thermostability of ECC’s 
Dry ECC’s exhibit good stability under ambient conditions with only a 45 % activity 
loss after 90 days of storage (Figure 41). Native CA stored in buffered solution (50 mM 
sodium phosphate, pH 7.5) at room temperature exhibits a higher stability with a 40 % 
activity loss after 90 days. This agrees well with the results reported for BCA II 
covalently coupled to silica beads via Schiff base linkages.(277) The immobilized 
enzyme was shown to loose 50 % activity after a 30 day incubation under mixing at 23 
oC in buffered media.(277)  
7.4 Conclusion 
The incorporation of CA into Michael adduct-based coatings has been performed in a 
two-step process using MANVF, NVF, and acrylate derivatives. The enzyme was first 
incorporated into water-soluble NVF-based polymer (Enzyme/Polymer; EP), which was 
soluble in the hydrophobic blend used for the film casting. Given its high 
polydispersity, EP could not be analyzed by mass spectrometry techniques including 
MALDI and electrospray ionization. Analytic ultracentrifugation was the only 
successful method to characterize the degree of polymerization of EP. CA-ECC’s 
exhibited an apparent activity retention of 7 %. They were highly stable when stored 
dry at room temperature.  
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Figure 41 Thermoinactivation of dry CA-containing coating under ambient 
conditions  
Deactivation of native CA wasconducted in buffered solution (closed circles). ECC’s were 
stored dry (closed squares).   
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